
 
 
 
 
 
 
 

AVA Leipzig 2007

1



 
AVA/ECVAA Meeting Leipzig 2007 69 

Training Day 
Avian and Reptile Anaesthesia and Analgesia 
 
 
Avian Anatomy and Physiology 
Dr. Conny Gunkel, Dr.med.vet, DACVA 
Oregon State University, Corvallis, OR 
Abstract 
Anesthesia is an important and challenging aspect of avian medicine for clinicians. Birds have 
anatomical and physiological features that differ from other species and have an important impact on 
anesthesia. Knowledge and understanding of the characteristics of the cardiorespiratory system of 
birds is important for the adequate selection and administration of anesthetic drugs in order to provide 
safe anesthesia. Extensive reviews of avian cardiorespiratory anatomy and physiology are available in 
the literature. Most important anatomical and physiological differences are summarized here with 
emphasis on the ones with clinical relevance. 
 
Anatomical and physiological differences: 
Cardiovascular system: 
The cardiovascular system is considered a “high performance” system to meet some difficult 
expectations like swimming, running, diving and flying at times under harsh circumstances. The high 
levels of activity demand high efficiency from the cardiovascular system to provide adequate delivery 
of oxygen to the tissues and removal of metabolic products. The cardiovascular system also plays an 
important role in conserving body heat. 
The avian heart is four chambered, located in the cranial part of the common thoracoabdominal cavity, 
slightly to the right of the midline. A very thin fibrous pericardial sac encloses the heart and contains a 
small volume of serous fluid. This pericardium is loosely attached to the dorsal surface of the sternum 
and the surrounding air sacs and more firmly to the liver. The pericardial membrane is relative non-
compliant, which may lead to a low tolerance towards an increase in heart size due to for example 
volume overload. 
Birds have a proportionally larger heart in comparison to mammals, with smaller species containing a 
bigger heart of a given body mass than larger species. The anatomy of the heart itself is very similar to 
the mammalian heart, with a larger right atrium and thicker left ventricle wall diameter, but differences 
in myocardial structures are present. The AV valves show slight differences; the left AV-valve is 
tricuspid and the right AV valve consists of a single spiral flap of myocardium attached oblique to the 
free wall of the right ventricle. This flap is apposed to a downward extension of the free wall of the RA. 
The mechanism of valve closure at the start of ventricular systole is unknown and is considered to be 
either active by contraction of the muscular flap or passive by a brief backflow of blood at the start of 
ventricular systole. The aortic outflow valve shows a myocardial ring around the very rigid semilunar 
cusps. The coronary circulation happens through the right and the left coronary artery with slight 
species variation in branching. 
The rate of perfusion of the myocardium is much higher than for example the resting skeletal muscle 
and is highest during diastole. A reduction in oxygen supply or an increase in myocardial demand 
results in compensatory increase in coronary blood flow (high altitude flight). In comparison to 
mammals, birds don’t seem to show coronary changes in resistance and flow at hypocapnic 
conditions. Cardiomyopathies have been shown in turkeys and chicken (“round heart disease”). 
Functionally birds have with their larger heart also a larger stroke volume, greater cardiac output, 
higher blood pressures, and a lower heart rate compared to mammals. The cardiac conducting system 
consists of the SA node, AV node, Purkinje ring, His bundle and 3 bundle branches of Purkinje cells. 
The Purkinje fiber system is different at least in the ventricles to allow for increased speed of electrical 
excitation. The Purkinje fibers are bigger sized and lack a fibrous sheath and follow the coronary 
arteries through the myocardium. 
ECG: Lead I: Connects across the thorax from the right (negative electrode) to the left (positive 
electrode) wing base. Lead II: Right wing base (negative) to the left thigh (positive). Lead III: left wing 
base (negative) to left thigh (positive). This arrangement will show a negative polarity of the ventricular 
contraction. 
The vascular system in birds is also adapted with thicker vessel walls and lower elasticity. Capillary 
gas exchange has to adapt especially due to high workload of the pectoral muscle during flight 
(increase in O2 consumption of about 5 times that at rest) and the high altitude flights of some species. 
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An increase in capillary numbers per muscle fibers and a decrease in diffusion distance might be 
possible explanations. Capillary branches increase the area of interface, which results in the very 
efficient blood-tissue O2 transfer. 
This also compensates for unfavourable rheological properties of avian blood like relatively low red cell 
deformability and low capillary hematocrit. Changes in P50, oxygen-carrying capacity of blood and/or 
myoglobin content of muscle fibers also facilitate oxygen delivery especially at high altitude. 
 
Fluid exchange mechanisms present some unique features in birds: The ratio of protein 
concentration in the interstitial fluid to that in blood is much lower than in mammals and is correlated 
with higher arterial blood pressure. Birds also are highly tolerant to blood loss, although the tolerance 
becomes more apparent during prolonged bleeding, because hemodilution continues through the 
period of blood loss. This hemodilution is achieved by the inflow of isotonic fluid with low protein 
content. The restoration of blood volume results from absorption of tissue fluid across the capillary 
walls due to reduced capillary pressure. 
Avian blood differs from mammalian blood in large oval and nucleated erythrocytes, large and 
nucleated thrombocytes, high glucose levels and low protein levels. The presence of the nucleus in 
the erythrocyte may lead to a high internal viscosity resulting in a decreased deformability of the cell. 
The adaptation for high altitude is a balance between polycythemia (in birds that are used to low 
altitude, leading to higher viscosity) and changes in hemoglobin oxygen affinity (increase of 
hemoglobin concentration without increase in erythrocytes and changes of P50 in birds that are used to 
high altitudes) and is dependent on species and environmental circumstances. 
Circulating catecholamines have strong effects on all elements of circulation in birds. Resting levels of 
especially norepinephrine are present and significant increased release of catecholamines, as it 
occurs under stress situations, may have greater impact on birds during anesthesia. Vasoconstriction 
and positive inotropic and chronotropic activation is the result with norepinephrine being more effective 
in the heart than epinephrine. The heart is intensely innervated with adrenergic and cholinergic nerve 
fibers (RA > LA > ventricles). 
 
Respiratory system: 
Differences between the avian and mammalian respiratory system are marked. The upper respiratory 
system includes the oronasal cavity, larynx, trachea with syrinx and primary bronchi. Birds can breathe 
through nares or mouth. The nares vary significant in structure and location between the 
different species. A complex bilateral infraorbital sinus is present throughout the skull, including the 
beak, with the main function to decrease the weight of the animals head. The larynx opens from the 
base of the tongue into the trachea through a slit-like glottis (rima glottis). An epiglottis is not present. 
The trachea has complete cartilaginous tracheal rings in most avian species. Interesting exceptions 
are the “double trachea” in penguins and the characteristic opening on the ventral side of the trachea 
in emus. Other species show tracheal elongations with loops. In general the avian trachea is typically 
2.7 times longer and 1.3 times wider than their mammalian counterparts, (tracheal volume = 4.5 times 
larger). Dead space of the respiratory system (trachea and primary bronchi) is also increased 
(approximately 4 times), but a larger tidal volume and a lower respiratory frequency compensate for 
this difference. The trachea starts midline, then passes to the right side of the neck before it enters the 
thoracic inlet midline again, where it bifurcates at the level of the syrinx (vocal organ), into two primary 
bronchi. The small avian lungs are paired, attached firmly to the dorsal ribs, do not change volume 
during breathing and are located dorsally in the thoracoabdominal cavity. As part of the conducting 
airway the primary bronchi starts as a short extrapulmonary bronchi between the syrinx and the lung. 
The intrapulmonary part of the primary bronchi travels the entire length of the lung. Four groups of 
secondary bronchi arise from the primary bronchi and are named based on the origin: mediodorsal (6-
10, caudal group), medioventral (4-5, cranial group), laterodorsal and lateroventral. The mediodorsal 
and medioventral groups branch and form fans to cover the lung surface. The primary and secondary 
bronchi are conducting airways and do not participate in gas exchange. 
The “parabronchi” or “tertiary bronchi” originate from the secondary bronchi and are the functional gas 
exchanging unit of the avian lungs. Most of the parabronchi are organized as a parallel series of 
hundred tubes connecting the medioventral and mediodorsal secondary bronchi (= paleo-pulmonic 
parabronchi). All birds (except some penguins) have also additional parabronchi (neo-pulmonic 
parabronchi), which contribute to gas exchange but with an irregular branching pattern. These 
parabronchi never compose more than 25% of the paleopulmonic bronchi and show large species 
variations. Oxygen and carbon dioxide exchange is very efficient in birds in comparison to mammals. 
Despite the fact that the actual volume of air involved in gas exchange (in air capillaries) in the avian 
lung is considerable less than the volume in mammalian alveolar lung, the unique pattern of air-flow 
through the parabronchi renews this gas-exchange volume more frequently, so that a large FRC is not 
necessary. Most birds have 9 air sacs (4 paired, 1 unpaired). The air sacs are thin membranous and 
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avascular structures connected to the primary or secondary bronchi via ostia. As such they do not 
contribute to gas exchange, but do contribute to the effective respiration cycle by acting as bellows to 
ventilate the lungs, by following the changes in body volume with the respiratory activity generated by 
the respiratory muscles. The nine air sacs can be divided into 2 functional groups: the cranial and 
caudal groups. The cranial group includes the paired cervical air sac, the unpaired clavicular air sac 
and the paired cranial thoracic air sacs. The caudal group consists of the paired caudal thoracic and 
the paired abdominal air sacs. No diaphragm is present to separate thoracic from abdominal cavity. 
A typical change in thoracic skeleton between normal inspiration and expiration is present: during 
inspiration the sternum moves cranially and ventrally with the coracoids and furcula rotating at the 
shoulder. Simultaneously, the vertebral ribs move cranially to expand the sternal ribs and 
thoracoabdominal cavity laterally. During flight this movement is supported by the movement of the 
wings, but at rest inspiration and expiration requite active contraction of the respiratory muscles (i.e.: 
M. scalenus, Mm. intercostalis externi/interni, Mm costosternalis pars major/minor, Mm. levatores 
costarum, M. serratus, M. obliquus externus/internus abdominis, M. transversus abdominus, M. rectus 
abdominus, M. costoseptalis). Airflow during inspiration and expiration is consitent in most species. 
There is a unidirectional flow (caudal to cranial) through the paleopulmonic parabronchi. At inspiration, 
most of the TV goes into the caudal air sacs. From the caudal air sacs it flows in this unidirectional 
pattern through the paleopulmonic lungs and enters the cranial air sacs via the cranial secondary 
bronchi. At expiration the air leaves the cranial air sacs via the secondary bronchi emptying into the 
primary bronchi and leaving through the trachea. “Arodynamic valving” is responsible for the 
unidirectional flow, no anatomical valves are evident. This way the cranial air sacs receive air almost 
only from the parabronchi, which makes the PO2 and PCO2 almost similar to end-expired values. The 
caudal air sacs also have higher O2 and lower CO2 levels, because they contain a mixture of reinhaled 
dead space gas and fresh air. Also the neopulmonic parabronchi will contribute to gas exchange. In 
summery the respiration system in birds behaves is like a two-cycle pump: During the first inspiration, 
air passes almost completely into the caudal air sacs. In the first expiration, air moves into the lungs. 
On the second inspiration, air is drawn from the lungs into the cranial air sacs. In the second 
expiration, air is exhaled to the outside. 
 
Pulmonary circulation: 
Pulmonary arteries > interparabronchial arteries > intraparabronchial arteries > pulmonary blood 
capillaries > intraparabronchial veins > interparabronchial veins. 
All of the parabronchi are perfused along their entire length by oxygen-poor mixed venous blood and 
the oxygenated blood returning to the heart in the pulmonary veins is a mixture of blood draining the 
entire length of the parabronchi. This allows for cross-current gas exchange system. The air flow is 
assumed continuous through the parabronchus which is uniformly perfused along its length by mixed 
venous blood. At the inspiratory end of the parabronchus is a large PO2 gradient driving diffusion of O2 

into the capillary blood,which raises capillary PO2 and drops parabronchial P02. As air flows along the 
parabronchus, the PO2 gradient decreases, while PvO2 is constant. At the end arterial PO2 is greater 
than the end-expired PO2. Same counts for the CO2: expired PCO2 can exceed arterial PCO2. 
P50: In general, the P50 in avian blood is greater than in mammalian blood. The theory is that because 
of the efficiency of O2 uptake in the avian lung is greater, birds may have evolved blood with low O2 

affinity to maximize O2 delivery to the tissue. Birds used to high altitude seem to have a lower P50. The 
primary organig phonsphate in birds is Myinositol 1,3,4,5,6-pentophosphate (IPP) and not 2,3-DPG. In 
birds there is no independent effect of CO2 on P50, which is due to strong binding of IPP to hemoglobin 
in most birds, which prevents the CO2 Bohr effect. The avian lung is a complex structure consisting of 
hundreds of parabronchi. Mismatching of ventilation and perfusion can change the efficacy of gas 
exchange. Physiological dead space is also present in birds, shunting of pulmonary blood flow is very 
small, and V/Q mismatch can have a significant impact on the PaO2 in birds. 
Another difference in birds is the presence of intrapulmonary chemoreceptors (IPC) with high 
sensitivity to changes in PCO2. 
 
Blood gas measurements: 
Avian blood presents some challenges to accurate blood gas measurements. Because avian 
erythrocytes are nucleated an increased oxygen consumption can occur when the arterial blood is not 
analyzed immediately. Some discussion is present about the importance of applying a temperature 
correction factor and a blood gas correction factor established with a tonometer. 
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Pneumatic bones: 
Many of the bones, including those in the skull, are pneumatized (sternum, scapula, humerus, femur 
(head and body), pelvis, cervical & thoracic vertebrae), which results in light, air-filled bones as an 
adaptation for flight. Bone marrow cells still exist in these bones, where red blood cells are produced. 
A bird's skeleton comprises only about 5% of its total body weight. The vertebrae of the lumbar, sacral 
and coccygeal spine are fused to form the “synsacrum” (with species dependent differences in 
numbers of vertebrates). 
 
Renal portal system: 
Renal portal circulation is present when venous blood that is flowing back to the heart from the legs 
and lower intestine of birds is entering the kidneys through a renal portal system. Within the kidneys 
this blood mixes with postglomerular efferent arteriolar blood in peritubular sinuses that surround all 
nonmedullary nephron segments and eventually flows toward the renal veins. There are 3 potential 
parallel shunt pathways in the renal portal circulation, depending on the parasympathetic and 
sympathetic innervations of the renal portal valves within the iliac veins. 
1. If the renal portal valve is open (sympathetic NS activation), blood can flow through the valve into 
the common iliac vein leading to the vena cava and directly back to the heart, bypassing the kidney 
2. If the valve is partially closed (parasympathetic stimulation) and resistance at the valve is high, 
blood can alternatively enter the renal portal system by flowing into the cranial or caudal portal veins, 
which are arranged in parallel. 
a. It enters the renal system via the cranial portal vein 
b. Or enters the renal and hepatic system via the caudal portal vein and caudal mesenteric veins 
 
The physiological significance is still poorly understood and neural, humoral and local metabolic 
controls may have influence on the valve resistance. Main advantage is for birds to be able to maintain 
total renal blood flow at lower arterial blood pressures (40-50 mmHg) and therefore preserve a wider 
range of renal autoregulation. This is important especially for salt loading and dehydration during the 
long flights or in desert environment. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

AVA Leipzig 2007

5



Avian Anaesthesia and Analgesia 
Dr. Conny Gunkel, Dr.med.vet, DACVA 
Oregon State University, Corvallis, OR 
 
Abstract: 
Avian patients often require anesthesia for diagnostic or therapeutic purposes. It seems that a high 
mortality rate makes avian anesthesia a feared procedure for any anesthetist, especially when it isn’t a 
routine anesthetic event. Knowledge of the avian cardiopulmonary function is important to make the 
anesthesia a less stressful event with a successful outcome. Knowledge about the different effects 
and pharmacokinetics of injectable drugs also prevent surprises. Well organized preparation, a smooth 
inhalation anesthesia and some analgesia remain the key to a good anesthetic and surgical outcome 
in birds. 
 
Pre-anesthetic evaluation 
Ideally, in a scheduled anesthetic procedure, a pre-anesthetic physical examination should be 
completed a day early. Body weight, baseline vital signs, and blood evaluation (CBC, hematocrit, total 
protein, glucose, uric acid, AST, calcium, phosphorus, and CPK) would provide useful information for 
correct dosing and drug selection. If a pre-anesthetic examination is not possible to perform, data can 
be obtained during the anesthetic event. Data analysis should be done in a timely manner to facilitate 
treatment in the anesthetized bird. Blood samples can be obtained from the jugular vein (right side is 
larger in psittacines), basilic vein (located on the ventral aspect of the wing, in the elbow area, or the 
medial metatarsal vein (especially useful in waterfowl). The jugular vein is the usual site for 
phlebotomy in psittacines, as it is easily visualized under a featherless area of the skin (apterium) and 
is less prone to hematomas compared to the basilic vein. As a general rule, the amount of blood 
volume taken from a bird should not exceed 1% of their body weight. This amount is usually not 
associated with adverse side effects in a healthy animal; however caution is advised in 
cases of anemia, hypovolemia or dehydration. In these conditions, it is safer to collect a maximum of 
0.5% of the bird’s body weight. The method of blood collection and sample handling are important for 
obtaining reliable results, with hemolysis, clotting, and over-dilution with heparin being the most 
common problems. 
 
Fasting 
Opinions on the fasting time in birds are varied and controversial, and depend partly on the clinical 
status, size, and species of the bird to be anesthetized. Main indications for fasting include an 
increased risk for regurgitation and aspiration with a full crop, and a decreased efficiency of ventilation 
due to a full gastrointestinal tract impeding movement of air through the air sacs. If needed, a crop 
flush can be done to decrease the crop volume. The procedure involves passing a red rubber catheter 
through the esophagus into the crop for infusion and aspiration of warmed saline as the crop is gently 
massaged to soften the food material present. 
Due to the high metabolic rate and poor hepatic glycogen storage, a higher risk of hypoglycemia exists 
in smaller birds. For these reasons, fasting time should not exceed 6 hours. Often a fasting time 
between 2 and 4 hours is recommended in medium-sized species, while birds under 200 g may not 
need fasting. 
 
Anesthesia 
All phases of anesthesia (premedication, induction, maintenance, and recovery) are very critical in bird 
anesthesia. Complications during these phases are common and prevention is important to avoid 
mishaps. 
 
Premedication 
The restraint of the bird requires some expertise to ensure a safe and stress-reduced experience for 
the bird, handler and clinician. Premedication is rarely used in avian medicine to avoid repeated 
episodes of manual restraint. Nevertheless, use of premedication drugs for sedation can be 
advantageous in anxious, frightened, or excited birds. In addition, these drugs may result in a sparing 
effect on the amount of inhalant anesthetic drugs needed, hence reducing the depressive 
cardiovascular side effects (arrhythmogenicity, hypotension) of inhalant anesthetics. Benzodiazepines 
(midazolam, diazepam) and opioids (butorphanol) are most commonly used. 
 
Parasympatholytics (atropine, glycopyrrolate) are only used in patients with a history of 
bradyarrhymias. The routine use of parasympatholitics may result in thickening of tracheobronchial 
secretions and saliva, which leads to an increased risk of airway obstruction, especially in smaller bird 
species and is therefore not recommended. 

AVA Leipzig 2007

6



 
Induction 
In preparation for general anesthesia, anesthetic equipment and heating devices must be prepared. 
Drug doses for emergency drugs should be calculated before starting the procedure and ideally drawn 
up in advance. The high level of excitement of the patient associated with restraint during induction 
can predispose to cardiac arrhythmias (tachyarrhythmias) during this critical period. After drug 
administration, bradycardia and apnea can be common and lead to respiratory arrest and 
subsequently cardiac arrest. Induction should be done in a quiet and light-subdued environment. 
Since birds lack a diaphragm, respiration should not be compromised by forceful restraint that 
prevents the bird from having normal thoracic movement for adequate ventilation and oxygenation. 
Experience with bird holding is necessary to avoid trauma, bites and excessive stress on the bird. 
Catching the bird with a towel or a net is a commonly used technique, after which the bird can be held 
through the towel or with bare hands for induction. At all times, the holder should have control of the 
head, wings and feet. 
 
Maintenance 
During maintenance it is important to position the bird adequately for the surgical or diagnostic 
procedure, to avoid impairing cardiorespiratory function and to facilitate monitoring. Normothermia 
should be maintained as hypothermia induces bradycardia and hypotension. In addition, it delays drug 
metabolism and clearance. 
Most anesthetic complications occur following prolonged anesthetic times. 
Maintenance of anesthesia is usually accomplished with use of inhalation anesthetics. For short 
procedures, use of injectable drugs is feasible using additional doses of the induction drugs. However, 
concerns on drug accumulation and rougher recoveries make inhalation anesthetics the preferred 
method. For some injectable drugs, the use of antagonists may represent an alternative to overcome 
prolonged recoveries. Anesthetic monitoring follows the principles of mammalian anesthesia. 
 
Recovery 
Recovery is a critical period in avian anesthesia. As for induction and maintenance phases, monitoring 
is important to prevent cardiorespiratory depression from the restraint. Supplemental oxygen can be 
given to the recovering bird through the ET tube or by placing the face mask directly in front of the 
bird’s face. Positioning of the patient is very important, and the clinician must verify that the bird can 
breathe without difficulty. It is common practice for some practitioners to hasten recovery by side-to-
side rocking; however, these fast turns may lead to hemodynamic changes, which may be detrimental 
and are therefore not recommended. Extubation should occur when the bird is fully awake, breathing 
well and able to swallow. Examination of the glottis prior to and immediately after extubation is crucial 
to avoid obstruction from secretions. If regurgitation occurs, the bird’s head should be lowered while 
the secretions are removed with cotton-tip applicators or gauzes. Use of suction is rarely necessary. 
The avian patient is held until it is mildly sedated, at which point it is returned to a cage or kennel and 
in a quiet and warm environment if possible. Small padded cages or incubator and towels wrapped 
around the bird assure this and might help keep then temperature in normal ranges. Hypothermia and 
hyperthermia should be avoided, as well as drastic changes in body temperature while warming the 
patient. Due to the risk of hypoglycemia it is necessary to ensure that patients eat soon after recovery, 
especially with the smaller species. Oral administration of a few drops of 50% dextrose can be 
performed during recovery if hypoglycemia is suspected. Adequate pain management will likely 
facilitate the recovery period. 
 
Anesthetic drugs: Inhalation anesthetics 
Use of inhalation anesthetics is the preferred method for induction and maintenance of anesthesia in 
birds. Advantages of using inhalation anesthetics for these phases include rapid induction and 
recovery, ability to make rapid and frequent adjustments in anesthetic depth, minimal 
biotransformation, minimal cardiorespiratory side effects or organ toxicity at clinical useful doses. 
These qualities make inhalation anesthetics ideal for birds with liver and/or kidney-altered function. 
Values for MAC are similar in birds and mammals. The cardiorespiratory depression of inhalation 
anesthetics is dose-dependant. Respiratory depression seems to be more significant in birds than in 
mammals. A decrease in respiratory rate and/or apnea is observed earlier in birds than in mammals. 
Because birds rely on thoracic muscles for ventilation, during anesthesia the relaxed muscles are not 
as efficient, resulting in a decrease in tidal volume and less efficient CO2 elimination. Birds possess a 
highly efficient gas exchange mechanism and their anesthetic depth can rapidly vary with changes in 
the anesthetic concentration. The concentration of inhalation anesthetics at which apnea ensues is 
known as the anesthetic index (AI). Because MAC and AI lay in a close range, assisted or controlled 
ventilation is often recommended. It also emphasizes the need for close anesthetic depth monitoring. 
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Isoflurane and sevoflurane are the most common inhalation anesthetics used for bird anesthesia. 
Halothane is rarely used nowadays, due to its higher lipid solubility, biotransformation, and 
cardiorespiratory depression. For example, in Galahs, halothane was shown to cause more 
hypothermia, hypercapnia and electrocardiographic abnormalities than 
isoflurane. Similarly in ducks, increasing MAC multiples of halothane cause more cardiorespiratory 
depression than isoflurane. Sevoflurane was evaluated in chickens, pigeons and psittacines. In 
pigeons, induction and recovery times were shorter with sevoflurane compared to isoflurane. A study 
comparing sevoflurane to isoflurane in psittacines showed no differences between heart rate and 
respiratory rate during anesthesia and recovery 
time between the two groups; however, the birds anesthetized with sevoflurane became alert sooner 
and had less ataxia than the ones anesthetized with isoflurane. Sevoflurane it thought to have less 
irritant and repulsive odor in comparison to isoflurane and was shown to have less breath withholding 
(and thus a quicker induction time) in humans, other mammals and reptiles. It is unknown if this has 
any clinical impact in birds. The more controlled recovery exhibit with sevoflurane may give some 
advantage to this drug. No studies reporting the effects of desflurane in birds could be found in the 
literature. 
 
Anesthetic drugs: injectable drugs 
Injectable drugs are preferred in conditions of field work or where inhalation anesthesia is not readily 
available. The advantages of using injectable drugs in the avian patient however, rarely outweigh their 
disadvantages. These include dose-dependant cardiovascular side effects, interand intra-species 
effect variability, inability to reverse the drug and thus dependence on drug biotransformation and 
clearance, some potential prolonged and rough recoveries, need for an accurate weight (which may 
not be possible to obtain in field settings), and the narrow margin of safety for an appropriate 
anesthetic concentration. Injectable drugs reportedly used in birds include propofol, ketamine, and 
ketamine combinations with benzodiazepines, opioids or alpha-2 agonists. Tiletamine-zolazepam and 
alphaxalonealphadolone have been used in avian species with poor results. 
 
Propofol 
Propofol has been evaluated in several avian species including pigeons, barn owls, turkeys, chickens, 
mallard ducks, Canvasback ducks, ostriches, red-tailed hawks and Great horned owls, and 
Hispanolian parrots. Propofol was given IV between 3-15 mg/kg depending on the birds’ species and 
provided a smooth and rapid induction. Significant cardiopulmonary effects such as respiratory 
depression and hypotension can occur. Ventilation is therefore strongly recommended in birds 
anesthetized with propofol. Prolonged and/or stormy recoveries were reported in most studies, and 
were more significant in studies where CRI was used. Dosage of propofol during CRI was higher 
compared to that used in mammals (0.8- 1mg/kg/min in Hispaniolan parrots and Canvasback ducks 
versus 0.15 – 0.4 mg/kg/min in mammals). The observed longer recovery time suggests that some 
differences in phenolic metabolism may exist in birds as compared to mammals, and may allow for 
drug accumulation. The need of ventilation as well as prolonged and agitated recoveries decreases 
the benefits of using propofol as a sole anesthetic drug. As in mammals, the excitatory phase may be 
reduced by using a combination protocol of propofol plus a sedative and/or a muscle relaxant drug. 
This may provide some drug-sparing effect at induction and/or with a CRI. 
 
Dissociative drugs 
Ketamine is a phencyclidine anesthetic that causes dissociative anesthesia, and has been shown to 
have some analgesic properties in mammals. In birds, ketamine anesthesia requires a high dosage 
and is associated with poor muscle relaxation, muscle tremors, myotonic contractions, opisthotonus, 
and rough and prolonged recoveries. Moreover, in certain studies, even high dosages of ketamine 
were not sufficient to reach a surgical plane of anesthesia. For these reasons, it is not recommended 
to use ketamine as the sole anesthetic drug in birds. Another major disadvantage of using ketamine is 
its non-reversibility, which may result in prolonged recoveries, ranging from 40-100 minutes. 
Combinations using ketamine with benzodiazepines or alpha2-adrenergic agonists were used in 
attempt to improve relaxation, depth of anesthesia, and quality of recovery. The use of tiletamine-
zolazepam has been reported in ducks, raptors and ostriches. It was primarily used in zoo and free 
ranging birds, or birds difficult to handle, however due to unacceptable prolonged and stormy 
recoveries (2-4 hours), its use is rare. 
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Benzodiazepines 
Benzodiazepines have a sedative, anxiolytic, muscle relaxant, and MAC sparing effects. Their minimal 
cardiovascular effects and reversibility make the benzodiazepines ideal adjunct drugs to reduce the 
main induction and/or maintenance drug dosages. Diazepam is insoluble in water and is best 
administered IV only, to avoid pain or unreliable absorption when administered IM due to its carrier, 
propylene glycol. Midazolam, a water-soluble benzodiazepine, is preferred for IM administration. 
Flumazenil is benzodiazepine antagonist that can be administered in cases of overdose or prolonged 
recoveries. Flumazenil can be administered as a full bolus or titrated to effect; the latter method is 
preferred, to avoid reversing beneficial effects, such as anxiolysis, while muscle relaxation and 
sedation are reversed. 
 
Alpha-2 agonists 
Alpha-2 agonists were commonly used in combination with ketamine in birds before inhalation 
anesthesia was widely available. Xylazine was evaluated in avian patients but was found to provide 
unreliable anesthesia with severe cardiorespiratory depressant effects. Medetomidine, one of the most 
recent alpha-2 agonists, has the great advantage of providing profound analgesia and sedation in 
mammals and is reversible with atipamezole. Medetomidine has been evaluated in pigeons and 
Amazon parrots with and without midazolam or ketamine. The result of these studies showed that 
alpha2-agonists are not recommended as a short term anesthetics in these avian species due to their 
unreliable sedative effect, even at high doses, their inability to provide immobilization, their profound 
cardiovascular and respiratory side effects, and the fact that general excitement can effectively 
override their sedative effects. 
 
Induction: Face mask vs. intubation 
Face mask 
For a smooth induction with inhalation anesthetics and less risk of ambient pollution, a broad variety of 
masks with tight fits are needed, depending on the shape and size of the birds’ beaks. Due to the lack 
of commercially available masks of unusual shapes, custom made masks can be fabricated out of 
plastic water bottles and syringe cases to fit over the different shapes and length of beaks, making 
sure that the nares of the bird are included into the mask. In smaller species, the entire head of the 
bird can be placed into the face mask. A short time of pre-oxygenation is ideal, but the 
risks associated with prolonged time of physical restraint and excitement before being anesthetized 
often outweigh the benefits, such that preoxygenation is mainly used in respiratory compromised 
animals. Priming of the anesthetic circuit with the inhalant should be avoided because of the high 
exposure of gas waste 
pollution. There are two methods of anesthetic induction using inhalation anesthetics. One method 
involves incremental increases of the inhalation anesthetic over time (low-to-high-protocol). This 
method has the advantage of a reduced risk of overdose by allowing for rapid reversal, but has the 
disadvantage of a longer induction and excitement phase, which can be detrimental in a stressed and 
debilitated bird. However, a premedicated (hence sedated) bird may accept this technique well. 
The second method (high-to-low-protocol) is often the preferred method. This technique starts with a 
high percentage of inhalant (4-5% isoflurane or 6-8% sevoflurane in 1-2 L/min of oxygen) for induction, 
followed by maintenance of anesthesia (2-3% isoflurane or 4-5% sevoflurane), depending on the 
status of the animal and if any premedication was given. This technique requires a close observation 
of the animal and a timely decrease in anesthetic concentration delivered to avoid overdosing. The 
excitement phase with this method is much shorter, which generally makes it a ‘safe’ induction 
protocol, even for debilitated animals. When a light surgical plane of anesthesia is reached, the mask 
is removed and intubation with an endotracheal tube of appropriate size can be performed. 
 
Intubation 
Although some birds can be maintained on a face mask for short anesthetic procedures, in most cases 
intubation is recommended and is relatively easy to perform in birds. The avian glottis is located at the 
base of the tongue, and is usually easily visualized, due to the absence of an epiglottis. The beak is 
carefully opened with both hands or via gauze strips. A cotton-tip applicator may help exteriorize the 
tongue and give better access to the glottis. A mouth gag made of rolled gauzes and tape can be used 
to prevent damage to the tube. The advantages of intubation, even for short procedures, include the 
ability to provide manual ventilation, better control of anesthetic depth, and prevention of aspiration 
from food reflux. Because respiratory arrest can be followed quickly by cardiac arrest, it is easier to 
ventilate an already intubated bird. Moreover, endotracheal tubes allow the use of a capnograph as a 
monitoring tool during anesthesia. 
 ndotracheal tubes used for intubation in birds should be uncuffed, due to the presence of complete 
tracheal rings and the fragility of the avian tracheal mucosa. Damage to the tracheal mucosa may be 
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followed by a fibrotic healing process, which can narrow the tracheal lumen and cause respiratory 
complications. This may not become evident until 3-7 days post intubation. Uncuffed ET tubes come in 
a wide variety of sizes, the smallest being 1.0 mm internal diameter. Small tubes 
may need a stylet to help with intubation, while some other brands have a metal coil incorporated into 
the tube that provides rigidity and prevents kinking. For small birds, a very small ET tube, or 
alternatively a catheter sheath, rubber feeding tube, or urinary catheter can be used for intubation. 
However, birds weighing less than 80 g are usually not intubated, due to the fact that any of these 
small tubes can be easily clogged with mucous. This will decrease the size of the internal diameter 
even further and create a significant resistance to airflow. 
The use of cuffed ET and very minimal inflation of cuffs can be used in larger birds where an effective 
seal for assisted or controlled ventilation is important, or to prevent aspiration when a crop lavage is 
done. 
 
Maintenance: flow rate and ventilation 
Assisted or controlled ventilation is recommended in most birds, due to the respiratory depressant 
effects of most inhalation anesthetics. Respiratory rate of 10-25 breaths/min in larger species and 30-
40 breaths/minute for smaller birds are recommended. Adequate ventilation is monitored by visualizing 
chest excursions and/or a capnograph. Peak inspiratory pressure should not exceed 5-15 cm of H2O, 
depending on size of the bird, to prevent trauma to the air sacs. Pediatric ventilators can be used in 
avian patients, but an alarm system for early detection of obstructions or changes in resistance is 
mandatory. Non-rebreathing circuits, like the Ayre’s T-piece or Bain’s coaxial are most commonly used 
in birds weighing less than 5-7 kg. Advantages of these systems include faster changes in the 
anesthetic gas concentration, lower dead space, less resistance, and their convenient lightweight. 
Disadvantages include a constant high use of oxygen and anesthetic gas, and cooling of the patient 
with the cold and dry fresh gas flow. The T-piece has an inconvenient position of the bag and pop-off 
valve and there is an increased risk of over inflation from accidentally closing the valve. This can lead 
to an increase in intracoelomic pressure and decreased venous return and consequently cardiac 
arrest. In birds weighing over 7 kg, a pediatric rebreathing circle system could be used, which may 
have the advantage of a better heat preservation compared to a non-rebreathing circuit, especially 
when low-medium flow rates are used (economical, ecological and heat-preserving advantages, but 
do require the monitoring of end-tidal CO2 ). Adding monitoring equipment, such as capnographs and 
respiration monitors, or long ETtubes will increase dead space, especially in smaller birds. The ET 
tube can either be cut shorter to fit the bird beak length or the capnograph could be placed 
intermittently. False low readings from the capnograph may be present due to a low TV, especially 
when a side-stream capnograph is used. 
 
 
Positioning 
The respiratory function in anesthetized birds can be significantly altered as a result of direct 
respiratory depressant effects of the anesthetic drug, muscle relaxation, increased dead space and 
positioning. Lacking a diaphragm, an enlarged gastro-intestinal tract or physical pressure from the 
surgeon’s hand can impede on the ventilation of the bird during anesthesia. Positioning of the bird will 
depend on the procedure to be performed, but if possible the bird should lay in lateral recumbency. 
Dorsal or ventral recumbency can impact the movement of the sternum and compress the abdominal 
air sacs, which can lead to a decrease of effective ventilation. 
 
Air sac intubation 
Air sac intubation is used as an emergency procedure in cases of upper airway obstruction, for 
example in tracheal foreign body, masses, and fungal granulomas. It can also be used during 
anesthesia as an alternative to endotracheal intubation, when free access to the head and upper 
respiratory tract is needed, for example during tracheoscopy, tracheotomy or ophthalmic procedures. 
Purpose-made avian air sac cannulas are available (Air sac surgical catheters, Global Veterinary 
Products, Inc.). These short tubes (2.5-3.6 cm long) have multiple ventilation holes and a convenient 
silicone disk for easy skin fixation using suture material. They also have a removable proximal fitting 
that accepts conventional anesthesia tubing. Their diameter is 14 or 20 French (3 and 4 mm internal 
diameter), and the tubes can be cuffed or uncuffed. Alternatively, an air sac cannula can be made of 
modified ET by cutting it shorter and creating supplemental holes in the tube in order to reduce 
chances of obstruction. Air sac cannulation can be performed on either side of the bird, in the caudal 
thoracic, abdominal, or cervical air sacs. The left caudal thoracic air sac is usually preferred because it 
is greater size and its approach is familiar to most clinicians who perform coelioscopy for gender 
determination. Clavicular air sac cannulation failed to provide effective ventilation or maintain 
anesthesia in Sulphur-crested cockatoos and is therefore not recommended. 
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The procedure is best performed with the bird under anesthesia (except when used as an emergency 
procedure). Pain medication should be used and/or a local block performed. The bird is placed in right 
lateral recumbency, the left leg is pulled caudally, and the wings are pulled upwards as to reveal the 
left paralumbar fossa. This area is defined as a triangular area bordered caudally by the cranial thigh 
(femur), cranially by the last 2 ribs, and dorsally by the synsacrum. The area is plucked and aseptically 
prepared. A small incision (0.5-1.0 cm, long enough to pass the cannula) is made through the skin 
caudally to the last rib (or in certain cases between the last two ribs). A sterile hemostat is used to 
dissect the soft tissue, and with a quick and controlled stab, the coelomic cavity is bluntly penetrated, 
in a similar technique as used for a laparoscopy procedure. A loud popping noise is often heard upon 
penetration of the coelom. The hemostats are opened and the cannula is inserted into the underlying 
abdominal air sac (1-2 cm deep). The short tube is secured to the skin with non-absorbable sutures, 
by suturing the silicon disk present in purpose-made air sac cannulas or by using butterfly tape and 
sutures on the homemade ones. Purse-string sutures and a Chinese finger trap technique can also be 
used. Confirmation of proper placement and function can be done by observing condensation into the 
tube during breathing, or by placing a down feather in front of the tube and looking for its movement 
during breathing. The air sac tube can be used for inhalation anesthesia maintenance, using positive 
pressure to ventilate the bird. Due to the unusual location of the endotracheal tube, chest excursions 
are more difficult to observe. After recovery, the tube may be left for several days if necessary; its 
patency must be verified frequently. Before removing the tube, it is wise to first obliterate it and verify 
that the bird can still breathe well. Most birds do not tolerate their air sac cannulas and require an 
Elizabethan collar to prevent destruction or removal of the tube. 
 
Analgesia 
The difficult part about avian analgesia is the recognition of pain, appropriate treatment of the 
individual patient and evaluation of the effects of the treatment. Unfortunately only few studies have 
looked at the efficacy of the different analgesic agents in the various species of birds, mainly due to a 
lack of understanding of “pain behavior” in these different avian species. Nevertheless pain relief 
should always be provided from an ethical standpoint (birds have a very similar pain pathway than 
mammals), and to prevent negative outcomes due to increased anxiety and stress responses and 
decreased homeostasis and healing. Also the reduction of required anesthetics used by providing 
analgesia decreases the risk of cardiopulmonary side effects of the anesthetic agents. The principles 
of pain management apply in birds as they do in mammals. Preemptive and balanced analgesia are 
the main components to provide adequate analgesia and prevent peripheral and central sensitization. 
Opioids are frequently used in birds, but unfortunately inconsistent experiences and species specific 
differences in studies lead to controversial opinions about their use, effects and doses. A difference in 
opioid receptor population and distribution between birds and mammals may contribute to the 
difference in response. Studies have been done on butorphanol, morphine, buprenorphine and 
fentanyl with various results. Butorphanol and Buprenorphine remain the most studied opioids in birds 
and clinically the most popular analgesic agents for surgical procedures. NSAIDs are also commonly 
used in birds, often in combination with an opioid. The less obvious side effects (respiratory 
depression, behavior changes, sedation), make this group of drugs a good choice for field work 
(transmitter placement etc). Analgesic studies have been performed on chicken treated with carprofen 
and ketoprofen. More recently meloxicam is clinically used in birds, but still lacking more efficacy, 
safety and pharmacokinetic studies in the different avian species. Flunixin is considered nephrotoxic 
especially in cranes. The alpha2-adrenergic agonists show undesirable side effects in birds (muscle 
tremor, respiratory depression, auditory sensitivity etc), and are rarely used as an analgesic agent. 
Local anesthetics (lidocaine, bupivacaine) are an easy and efficient option to prevent the activation of 
the nociceptive pathway. If the anatomy allows for a local block (beak amputation, extremity surgery 
etc), a nerve-block should be performed, but accurate dosing is important especially in smaller birds. 
Birds may be more sensitive to the local anesthetics and an overdose can lead to cardiac arrest and 
seizures. Commonly a max dose of 4 mg/kg of lidocaine and 2 mg/kg of bupivacaine is recommended. 
Further clinical investigation and clinical assessment is needed to evaluate and improve analgesia 
options in the various avian species. In the mean time a progressive pain management approach in 
avian medicine is an important goal to improve patient welfare and clinical outcome as well as gain 
clinical experience with these drugs in the different avian species. 
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Supportive therapy 
Fluid therapy- Crystalloids 
All birds that undergo a long anesthetic procedure such as surgery or diagnostic procedures should 
receive fluids. The fluids should be warmed to body temperature. Replacement fluids such as lactated 
ringers solution, plasmalyte 148, normosol during anesthesia for a surgery are given IV or 
intraosseously at 10-20 ml/kg/hr. This small amount of fluid can be given continuously using a syringe 
pump or in slow boluses every 5 to 10 minutes. Alternatively, subcutaneous fluid can be administered 
at 30 ml/kg once. This is a quick, easy, and helpful method and appears quite effective even in 
debilitated in birds. 
 
Intraosseous catheter 
The placement of an intraosseous (IO) catheter is an option for administration of fluids in dehydrated 
or hypovolemic patients, where venous access is difficult. Any types of fluids, medication or 
emergency drugs that can be given IV can be given IO and are absorbed as quickly. The most 
common sites for placing IO catheters include the ulna (proximal or distal), and proximal tibiotarsus. 
The avian humerus and femur are often pneumatized and connected to the respiratory system; 
therefore they are contraindicated locations for IO catheter placements. Drugs injected into the IO 
space are absorbed by sinusoids and drain into veins that connect into the systemic circulation. 
Purpose-made IO needles are available (Global Veterinary Products, Inc.). They range from 14 – 20 
ga and are 3 cm in length. These needles have a metal stylet, a convenient handle to facilitate the 
introduction of the needle into the bone, and a plastic fixation device that can be sutured to the skin 
and help stabilizing the IO catheter. Alternatively, regular needles or spinal needles can be used. An 
appropriate size and length of needle is chosen for the size of the avian patient (18- 25 ga). A 
disadvantage of using regular needles is the possibility of a bone plug blockage, although this problem 
is rarely encountered. In small patients, regular needles are actually easier to use and more versatile 
in size than an IO needle, and can easily penetrate the thin cortex of the avian bones. 
To place a proximal ulnar IO catheter, the dorsal aspect of the ulna is plucked and the area is 
aseptically prepared. The ulna is held in one hand (usually the left for a right handed person), and the 
needle is held in the other hand (right) and positioned ventral to the condylar ridge of the distal ulna. 
With a firm and slight rotating movement similar to that of a retrograde pin placement, the needle is 
gently driven into the ulnar bone at a 45°-70° angle. Once the ulna is penetrate d, the clinician should 
feel a markedly reduced resistance. At that point, the needle angle is reduced as to be as parallel to 
the bone as possible and with a gentle rotating movement, the needle is completely driven into the 
medullary cavity of the bone. Correct placement of the IO catheter can be confirmed by taking a 
radiograph. If the needle is properly positioned, fluids will easily flow through the catheter and can be 
visualized passing through the ulnar vein. The catheter is capped with a luer-lock injection port and 
secured to the wing with tape and/or sutures. Gauzes can be used to protect the injection port, and the 
wing is then wrapped with a standard figure-of-8 bandage. When placing a proximal ulnar catheter, the 
point of entry should be three to four flight feathers proximal to the elbow. The ulna is penetrated at an 
acute angle with a rotating motion. Once the needle is inserted into the bone, the angle is reduced, 
and the needle is fully inserted into the ulnar medullary cavity with a gentle rotating movement. If 
placing a proximal tibiotarsus IO catheter, the stifle is flexed and the needle is inserted into the 
trochanteric fossa. As for an IV catheter, fluids can be given continuously or via boluses. The catheter 
can be left in place for several days. The choice of fluid type is determined by the status of the patient 
(PCV, TP, dehydration status) and the suspected blood loss during surgery. Due to the bird’s high 
metabolic rate and low glycogenstorage capacity, a regular assessment of glucose levels is 
recommended, but unfortunately rarely performed in clinical settings due to the small size of most 
avian patients. Intra-operative measurement of glucose should become a routine monitoring procedure 
for prolonged procedures, and could be performed with a glucometer. These devices require a minimal 
amount of blood, which would be possible to get even in small birds. Lactated ringers solution with 
added 2.5-5% dextrose is commonly used for replacement fluids in birds. Reference biochemistry 
values for the specific avian species are important for fluid choice. Isotonic and normoelectrolyte fluid 
therapy can be provided. Interspecies differences in electrolytes exists, and birds have generally lower 
potassium and higher sodium values compared to mammals. This difference may have an impact on 
physiological balances (fluid dynamics in the body, cardiac cycle) when using fluids that are 
formulated to be isotonic for mammals. This needs to be considered when choosing the type of fluid 
for fluid therapy. Careful monitoring of electrolytes in a sense of taking blood gas samples would be 
ideal, but often not clinically applicable. 
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Colloids (Blood transfusion, Oxyglobin and Hetastarch) 
If severe blood loss occurs during surgery, blood transfusions, colloid solutions or hemoglobinbased 
products should be considered to expand the vascular space and improve the cardiac output. The 
pathophysiology of hemorrhagic shock in birds is still not fully understood, but signs of hypotension 
and tachycardia have been described in response to acute blood loss. Birds seem to be more tolerant 
to acute blood loss than mammals, due to their ability for prolonged hemodilution. Estimated 
circulating blood volumes in different avian species vary considerably from 5% of body weight in ring-
necked pheasants up to 20% in racing pigeons. The acute blood loss of 60% of assumed total blood 
volume in ducks has been described as the LD50, compared to mammals, where the LD50 was reached 
with 40-50% loss of total blood volume. The administration of whole blood is optimal to restore tissue 
perfusion and oxygenation, but has some limitations due to the availability of donors. Blood types are 
currently unknown in birds, so cross matching is generally not performed. Homologous (of the same 
species) transfusions have the longest erythrocyte survival time, but heterologous (between different 
species) blood transfusion in avian species is often more feasible and has been documented without 
any significant side effects. Anticoagulants include acid citrate dextrose, sodium citrate, or citrate 
phosphate dextrose at 1-1.5 ml per 10 ml of blood. Heparin can also be used at 0.25 ml / 10 ml of 
blood. Another problem with transfusion of whole blood is the fact that the volume of blood to be given 
is often dictated by the donor bird rather than the recipient. The blood can be given IV or IO through a 
blood filter at a continuous rate of 2 ml/minute, or through multiple boluses over a few hours. 
Due to the limited availability of avian blood products, the use of other colloids are often the only 
source to treat acute hemorrhagic shock in birds and has been used in clinical and research settings. 
In comparison to mammals, avian total protein concentration is substantially lower (21- 45 g/L [2.1-4.5 
g/dl]). Proteins are the major determinant of colloid osmotic pressure (COP) and may indirectly 
influence blood pressure. COP in birds is substantially lower compared to mammals (11 mmHg for 
chicken and 8.1 mmHg in doves, compared to 25 mmHg in mammals), but the ratio of protein 
concentration in the interstitial fluid to that in the blood is much lower as well. This lower ratio in birds 
may be correlated with a higher arterial blood pressure. Resting blood pressure values in awake birds 
has been reported to be higher than that of mammals and mean arterial blood pressure may exceed 
150 mmHg in some species. The generally lower total protein value in birds is a point of consideration 
in the choice of fluid type and volume to administer, since most colloids COP is 20-25 mmHg. This 
may exceed the avian COP and may lead to fluid movement from the extravascular space to the 
intravascular space. This beneficial effect of volume expansion of the vessels could cause fluid 
overload. In addition, the hydration of the interstitial space needs to be guaranteed with the concurrent 
administration of crystalloids. The clinical relevance of this concern is not known. The use of 
hetastarch (HES, Abbott Laboratories, North Chicago, IL) for the management of 
hypoproteinemia and hypovolemia has been evaluated in birds. IV boluses of 10 ml/kg can be given to 
birds, but commonly colloids are administered over several minutes / hours via a syringe pump, in 
conjunction with crystalloids. In a study on cockatiels, hetastarch was given as an IV bolus with 
crystalloids between 1 and 15 ml/kg. The effect of hetastarch on platelet aggregation in birds has not 
been investigated. Oxyglobin is a purified polymerized bovine hemoglobin and has the advantage of 
being a potent colloid as well as having a major oxygen carrying capacity to provide delivery of oxygen 
to the tissues. Because it contains no antigen, cross matching is not required and no filters are needed 
for the administration. In birds, oxyglobin has been given as a rapid bolus over a few minutes with 
crystalloids between 1 and 15 ml/kg. 
 
 
 
Anesthetic complications 
With avian patients, it is wise to have common emergency drugs (e.g. epinephrine and atropine) 
drawn up and ready for injection, to counteract anesthetic complications. Respiratory arrest followed 
by cardiac arrest is the most common anesthetic avian complication. Respiratory arrest is often 
treatable if detected early. The first step includes reducing or turning off the inhalant anesthetic and/or 
using reversal drugs, and providing manual ventilation until return of spontaneous respiration. 
If the respiratory arrest progresses to a cardiac arrest, cardiac compressions can be attempted, but 
are difficult to perform in birds due to their sternum preventing access to the heart. Epinephrine can be 
given IV, IO, or intra-tracheally. Unfortunately, the success rate for the return of cardiac function in 
birds is low. Other anesthetic complications include cardiac arrhythmias, which can be observed in 
combination with pain, inappropriate depth of anesthesia, changes of plasma glucose levels, 
temperature, blood gas or electrolyte values, and blood loss. Hypothermia and blood loss can be 
important intraoperative complications. Hypothermia can lead to bradyarrythmias, which may be 
resistant to treatment with glycopyrrolate or atropine. Warm-forced air blankets are the most 
successful heating devices for preventing hypothermia in very small animals. 
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Anesthesia and Analgesia in Reptiles 
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Oregon State University, Corvallis, OR 
 
A. PRINCIPLES OF REPTILE ANESTHESIA 
Anesthetic management of reptiles is associated with many challenges as their unique physiological 
and anatomical adaptations often complicate anesthetic administration, maintenance and monitoring. 
The provision of anesthesia to this diverse class of animals requires a thorough understanding of 
normal physiology, pathophysiology, the action and disposition of anesthetic and related drugs, and a 
familiarity with the design and use of related anesthetic equipment. Thorough pre-anesthetic 
assessment, a carefully designed anesthetic plan with attention to premedication, induction, 
maintenance, monitoring, supportive care, recovery and ongoing postoperative support and analgesia 
all contribute to the reduction of risk associated with anesthesia. 
 
Anatomy and Physiology 
Reptiles have long been considered a Class of animals that reflect the evolutionary transition between 
the aquatic and amphibious ectothermic vertebrates and endothermic birds and mammals. Many early 
investigations of reptilian physiology focused on their apparent “imperfections”. More recently, 
investigators have begun to view reptilian physiological adaptations as ideal and advantageous, 
enabling exothermic animals to inhabit almost all of the available non-polar ecological niches. 
Although many aspects of reptilian physiology are similar to those of endothermic vertebrates, 
significant differences are present. Such differences may alter both the action and disposition of 
anesthetics and analgesics. 
 
Metabolism & Thermoregulation 
The reptilian resting metabolic rate is one-tenth to one-third lower than the resting oxygen 
consumption rate of equivalent sized mammals. However, minimum and maximum oxygen 
consumption rates of individual reptilian species range from almost zero to values similar to those of a 
resting mammal. 1 A decrease in an animal’s cellular metabolic rate may result in reductions in drug 
metabolism leading to increases in both the latency of onset and duration of effect and time to 
recovery. The ambient environmental temperature is one of the main determinants of metabolic rate in 
resting reptiles. As temperature decreases, oxygen demand and metabolic requirements of tissues 
decrease, and the metabolic capacity of various organ systems decreases. There are significant inter-
species and intra-individual variations in metabolic rate. Metabolic rate is also influenced by activity 
level and time since last feeding. Metabolic rate can increase 3 – 40 times the resting value following a 
meal and may remain elevated for up to 7 days 2. However, it is unclear whether recent feeding has a 
clinically significant effect on anesthesia in reptiles In general, the varanid and lacertid lizards tend to 
have relatively high metabolic rates, and boid snakes and chelonians have lower rates. Surface 
dwelling squamates have higher metabolic rates than burrowing species, and species of lizards that 
eat insects or other vertebrates have higher metabolic rates than do herbivorous species 3. Reptiles 
are ectothermic and derive their body temperature from the surrounding environment. However, some 
reptiles, such as, large pythons and leatherback sea turtles, derive some of their body heat from 
muscular activity. Such endothermic-like activity is only possible in larger reptile species. Reptiles can 
alter their body temperature through changes in cardiovascular function. During periods of warming 
some reptiles increase their heart rate and the degree of right-to-left shunting to increase 
the fraction of blood flow that is directed to the periphery for heating and ultimate return to the body 
core 4. This adaptation facilitates more rapid and efficient warming of the animal. Basking and shuttling 
between sun and shade are very important for temperature regulation in ectotherms. 
In all animals, the integration of physiology and behavior is affected by the internal thermal set point or 
preferred body temperature (PBT). In endotherms, the PBT generally remains constant. In reptiles the 
PBT may vary in response to physiological challenges such as fever. In the case of fever, many 
reptiles will alter their behavior and physiological responses to maintain this higher body temperature. 
There is good evidence that reptiles down regulate their body temperature in response to hypoxia 
and/or inadequate tissue oxygen delivery. This is referred to as hypoxia-induced hypothermia 5 6. 
Hypothermia-induced by hypoxia decreases metabolic rate through the direct effect of temperature on 
tissue oxygen demand and through depression of the rate of aerobic metabolism 5. The PBT can also 
be affected by hydration status. Reductions in hydration status lead to reductions in the PBT 7. 
Reptiles undergoing anesthesia should be maintained at the average or the high-end of their PBT 
range to ensure optimal metabolic function. These values can often be found in general husbandry 
references or extrapolated from known species from similar natural habitats. 
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Cardiovascular system 
The non-crocodilian reptile heart has three chambers, with two completely separate atria and a single 
anatomically continuous ventricle. The crocodilian heart is more typical of that seen in mammals and 
birds with two completely divided atria and ventricles. In the crocodilian heart, the foramen of Panizza 
allows for some intravascular shunting under circumstances of breath holding, such as diving. 
In non-crocodilian reptiles the ventricle is divided into two main chambers by a septum-like structure 
called the Muskelleiste or muscular ridge. This ridge originates from the ventral ventricular wall and 
runs from the ventricular apex to base, dividing the ventricle into two main chambers; the cavum 
pulmonale and the cavum dorsale 8,9. The cavum pulmonale and the cavum dorsale are comparable in 
function to the right and left ventricles of mammals, respectively. The dorsolateral border of the 
muscular ridge is free, permitting the flow of blood between the cavum pulmonale and cavum dorsale. 
However, during ventricular systole the 
muscular ridge presses against the dorsal wall of the ventricle and separates the cavum pulmonale 
from the cavum dorsale, thus although exhibiting anatomical continuity of the subchambers, in a 
functional sense, the heart is capable of acting as a two-circuit pump. Cardiac shunting occurs 
commonly in reptiles 10-12. Cardiac shunts can occur in both directions and may occur simultaneously 
in both directions 11,13,14. The direction of the net shunt determines whether the systemic or pulmonary 
circulation receives the majority of the cardiac output. Intracardiac shunting has three important 
functions. First, shunting serves to stabilize the oxygen 
content of the blood during respiratory pauses. Second, the right-to-left shunt is partly responsible for 
facilitating heating by increasing systemic blood flow. Third, a right-to-left shunt directs blood away 
from the lungs during breath holding. During anesthesia, cardiac shunting can affect systemic arterial 
oxygen content and the uptake and elimination of inhaled anesthetics. The size and direction of the 
shunts are ultimately controlled by pressure differences between the pulmonary and systemic circuits 
and washout of blood remaining in the cavum venosum (an anatomical subchamber of the cavum 
dorsale described in many reptiles) 11-13,15. The pressure differences are principally controlled by 
cholinergic and adrenergic factors that regulate the vascular resistance of the pulmonary and systemic 
circulation 11,16-21. Large right-to-left shunts limit the amount of anesthetic uptake early in the anesthetic 
period and slow anesthetic elimination at the end of anesthesia. 
Such shunts can delay the induction to and recovery from inhaled anesthesia. Changes in the level 
and direction of shunts may account for the unexpected awakening seen in some reptiles anesthetized 
with inhalant anesthetics. Intracardiac shunts also have implications for patient monitoring, in particular 
airway gas monitoring and pulse oximetry. Blood pressure in reptiles is controlled by mechanisms 
similar to those described in mammals 22. The cardiovascular system of reptiles responds to both 
cholinergic and adrenergic stimulation in a manner similar to mammals and the presence of a 
baroreceptor reflex has been described 23. The resting blood pressures of reptiles tend to be stable in 
the absence of external stimuli but may vary with temperature, activity or state 
of arousal 24,25. In contrast to mammals, systemic arterial blood pressures vary greatly among various 
reptilian species, making it difficult to identify a “normal” arterial blood pressure 22. “Normal” blood 
pressure in reptiles may be more profoundly affected by environmental stresses such as habitat and 
temperature, species activity level and size compared to the role of these factors on influencing blood 
pressure in mammals. This greater variability may originate from a reptile’s poor ability to regulate 
normal homeostasis independent of temperature and environment. Chelonians tend to have the 
lowest mean arterial pressures (15-30 mmHg) while some varanids have resting arterial pressures 
(60-80 mmHg) similar to mammals 26. In the green iguana, normal resting systemic arterial blood 
pressures are reported to be in the range of 40-50 mmHg 
while pulmonary arterial pressures are in the range of 15-30 26. The systemic blood pressures in 
snakes correspond to the gravitational stress they are likely to experience 27 28,29. Snakes from 
arboreal habitats tend to have higher arterial pressures than those that are primarily aquatic. An 
allometric relationship between arterial blood pressure and body mass has also been described in 
snakes. As body mass increases, so does blood pressure 30. Several anesthetics, such as 
sevoflurane, isoflurane, halothane, propofol, tiletamine-zolazepam, and ketamine, have been shown to 
induce cardiopulmonary changes in reptiles similar to those seen in mammals 31-39. 
Pulmonary system 
The most significant difference between the respiratory physiology of reptiles, mammals and birds is 
the lower oxygen consumption rate of reptiles. This difference reflects the lower reptilian metabolic 
rate. Both reptile respiratory anatomy and physiology vary markedly across species. The lungs of non-
crocodilian reptiles are suspended freely in the common pleuroperitoneal cavity and are not located in 
a closed pleural space. In reptiles, the lungs tend to be sac-like with varying degrees of partitioning. 
Highly aerobic species such as the varanids tend to have highly partitioned lungs with numerous 
septae and invaginations that increase the surface area for gas exchange. Chelonians and lizards 
tend to have paired lungs where most snakes have a single functional right lung. The functional units 
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of the lung are referred to as ediculi and faveoli. Ediculi or faveoli are analogous structures to 
mammalian alveoli. Most reptile lungs exhibit areas of both type of parenchyma. There is little detail 
regarding the trachea and extrapulmonary bronchial tree system in reptiles. The tracheal rings of 
chelonians tend to be complete necessitating care when placing an endotracheal tube. In addition the 
trachea may bifurcate quite proximal, so inadvertent endobronchial intubation may occur. Many 
snakes also possess a tracheal lung, the significance of which is unclear. The lungs of reptiles tend to 
have a larger tidal volume but a smaller respiratory surface area. Because reptiles lack a diaphragm, 
they rely on the thoracic musculature for ventilation. Because both inspiration and expiration are active 
processes, the respiratory depression associated with anesthesia may be more profound than that 
observed in species in which expiration is a passive process. Because the muscles of ventilation 
include many of the same muscles used for locomotion, these two functions are relatively 
incompatible. Chelonians are faced with additional respiratory challenges since expansion of the 
thoracic cavity by movement of the ribs is not possible. The dorsal surface of the lungs is attached to 
the carapace and the ventral surface is attached to the abdominal viscera. Inspiration is accomplished 
by enlarging the visceral cavity, and expiration occurs by forcing the viscera up against the lungs, 
driving air out. This is accomplished by contraction of various posterior abdominal muscles and 
several pectoral girdle muscles. 
 
Control of Respiration. The control of respiration in reptiles is poorly understood. Both peripheral 
receptor and centrally-mediated control have been proposed. It seems most likely that there is an 
interaction between a central system which generates the pattern of respiration and afferent 
chemoreceptor input 40,41. Both carbon dioxide and pH changes appear important for stimulating 
normal ventilation but there is evidence that even under normoxic conditions oxygen tension may play 
a role in normal ventilation 42. Although there is some species variation, reptiles are generally viewed 
as episodic breathers 43,44 45. Pulmonary vascular perfusion is also intermittent and changes in 
perfusion are in concert with respiratory rate and rhythm 18 46,47 48. Ambient temperature has variable 
effects on the frequency, tidal volume and minute ventilation 49 and due consideration should be given 
to maintaining the optimal temperature for a particular species. 
 
Effects of Inspired CO2 and O2. The response of reptiles to inspired CO2 is quite variable. Inspiration 
of greater than 4% CO2 in snakes and lizards produces an increase in tidal volume and a decrease in 
respiratory frequency, and an overall decrease in minute ventilation 50,51. In turtles, specifically 
Pseudemys scripta and Chrysemys picta, the response to an increase in CO2 is an increase in minute 
ventilation as a result of increases in both respiratory frequency and tidal volume 18,52-54. In turtles, 
breathing less than 21% but more than 10% oxygen produces little change in the respiratory pattern. 
At inspired oxygen concentrations below 10%, some species increase ventilation while others retain 
their resting minute ventilation.and others may decrease ventilation 45,50,55-57. In those species in which 
minute ventilation decreases or remains unchanged, metabolic oxygen consumption decreases. 
During anesthesia, most reptiles are maintained using an inhalant anesthetic delivered in 100% 
oxygen. The delivery of a high oxygen concentration may further compound respiratory depression by 
blunting the contribution of oxygen to stimulate normal ventilation. In several reptiles species exposure 
to 100% oxygen significantly decreases minute ventilation 50,52,58-60 suggesting that high inspired 
oxygen may be responsible for at least some of the respiratory depression seen during anesthesia. 
The magnitude of this effect is likely small compared to the effects of anesthetics on central control of 
respiration and the muscles of respiration. However, there is some 
evidence that in the green iguana, recoveries from isoflurane anesthesia may be faster when the 
animal is ventilated with room air rather than 100% oxygen, possibly by improving ventilation and the 
subsequent removal of the inhalant from the body 61. Interestingly, in studies using Dumeril’s monitors 
(Varanus dumerili) no significant differences in recovery times from either isoflurane or sevoflurane 
anesthesia were found between animals ventilated with room air or those ventilated with 100% oxygen 
62. This may reflect differences in study methods or species differences. 
 
 
 
Renal system 
Reptiles cannot produce urine more concentrated than plasma, making the excretion of nitrogenous 
wastes more difficult for terrestrial reptiles. Most reptiles excrete nitrogenous waste as uric acid 
(uricotelic). Some turtles and crocodilians can also excrete urea. Uric acid is produced in the liver and, 
unlike ammonia and urea, it is very insoluble in water and is excreted as a semisolid. In the reptilian 
kidney tubule, urine is very dilute so that uric acid remains in solution. Urine empties into the cloaca 
and then into the bladder or large intestine where water is reabsorbed causing the uric acid to 
precipitate. This results in the excretion of nitrogenous waste with relatively little water. The bladder of 
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some reptiles can be used for the storage of water. Reptilian urine is not a good indicator of renal 
function. Many reptiles have specialized salt excreting 
glands that allow for the excretion of very high concentrations of sodium, potassium, and chloride. 
Many reptiles living in extremely arid environments can tolerate the marked fluctuations in total body 
water and plasma osmolarity that can occur in these environments. When faced with limited water 
supplies, plasma osmolarity can rise to levels higher than those known in any other vertebrate 
species. 
 
Hepatic system 
The reptilian liver appears to be similar in structure and function to the liver of other vertebrates. 
Although there is little detail known about the reptilian liver, it is assumed that it probably plays 
important roles in tolerance to anaerobic metabolism, hypothermia and adaptation to the physical 
environment. The liver of reptiles has a lower metabolic capacity compared to mammalian livers 63, 
and the metabolic rate is very sensitive to changes in temperature 64. The lower metabolic rates for the 
reptilian liver probably accounts for at least some of the prolonged effects commonly seen with drugs 
such as antibiotics. This may partly contribute to the prolonged anesthetic recoveries seen when using 
drugs that require extensive hepatic metabolism for termination of their clinical effect. 
 
B. CLINICAL ANESTHESIA 
 
I. Patient Presentation/Assessment 
Regardless of species or procedure, a thorough preanesthetic assessment should be performed on all 
patients. Patient assessment should include a complete history, species identification, and a full 
physical examination. Any additional supporting diagnostic tests such as blood work and imaging 
should be performed. Because most anesthetics produce some degree of cardiopulmonary 
depression, all animals should be physiologically stable prior to the induction of anesthesia. 
Unfortunately, in some reptiles, the size, disposition or anatomy may prevent even the performance of 
a routine physical examination. In these animals an assessment of body weight and general 
appearance may assist in determining the general health status of the animal. Species identification 
and information on the natural habitat of an animal may be useful when presented with a novel 
species. All animals should be kept at their preferred body temperature (PBT) throughout the 
anesthetic period and recovery. Performing any anesthetic-related procedure early in the day 
allows animals predisposed to prolonged recoveries to recovery during regular working hours rather 
than late into the night when support staff and patient supervision my be reduced 65. 
 
II. Premedication 
Premedications are used to facilitate handling and intravenous catheterization, reduce handling stress, 
and reduce the negative side effects associated with the administration of higher doses of drugs used 
for the induction or maintenance of anesthesia. Not all drugs administered prior to the induction of 
anesthesia will produce sedation, while others will not necessarily reduce the dose of drugs used for 
the induction or maintenance of anesthesia. Thus the goal of premedication should be established 
prior to selecting drugs for premedication. If the primary goal of premedication is to facilitate restraint it 
may be most appropriate to administer a combination of ketamine and an analgesic. If little chemical 
restraint is required, the premedication selection will be directed toward achieving pre-emptive 
analgesia. See Tables 2, 3 and 5 for drug doses commonly used in reptiles. 
 
Routes of Drug Administration 
Intramuscular. The intramuscular route of drug administration is most common in reptiles. 
Historically, hind limb and tail sites have been avoided because of concerns related to the first-pass 
effect associated with passage of any administered drug through the kidneys via the renal portal 
system. However, studies in some reptiles (turtles and the green iguanas) suggest that this may be 
more of a theoretical than practical concern, because only a small amount of blood from the hind limbs 
and tail pass through the kidney 66,67. However, it is probably best to avoid hind limb and tail 
administration of nephrotoxic drugs or those highly metabolized or excreted by the kidneys. The 
epaxial muscles provide a suitable injection site in most snakes. In lizards, the muscle mass of the 
forelimb (triceps and biceps), hindlimb (quadriceps, semimembranosus and semitendinosus) and tail 
can be used. Caution should be used in species known to autotomize (drop) their tails (many geckos), 
beacause it is possible for an animal to “shed” their tail during handling. In chelonians, injections are 
most often administered in the triceps muscle. The cranial surface of the foreleg should be avoided 
since the proximity of the radial nerve to injection sites in this area increases the risk of damage to this 
nerve. The pectoral muscles can also be used although in many species there is a lack of significant 
muscle mass in this area. 
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Intravascular. While intravenous drug administration is not always feasible in reptiles, the 
combination of good technique, practice, appropriate patient selection, and skilled physical restraint 
can facilitate predictable access to the ventral coccygeal vein in even very small snakes and lizards 
and the dorsal coccygeal vein in tortoise and freshwater turtles. In sea turtles, the dorsal cervical sinus 
has also been used for intravenous administration of drugs 68. Intravascular injection decreases the 
latency of onset of action of an administered drug. It also decreases the variability in uptake that is 
associated with intramuscular injections in reptiles. Some drugs produce tissue irritation following 
intramuscular irritation. Intravenous administration of these irritant drugs may obviate such tissue 
irritation. Techniques for catheterization of the coccygeal vein in both lizards and crocodilians have 
been described 69. Intravenous catheterization of the coccygeal or abdominal veins is most often 
performed “blind”. In some species of turtles and tortoises the jugular vein can be visualized, however; 
visualization of the jugular vein most often requires a skin incision and blunt dissection. Venous sinus 
sites are not ideal sites for intravenous catheter placement. Although over-the-needle catheters are 
most frequently used, a technique utilizing a small guage wire stylet through a needle (Seldinger 
technique) can be used to facilitate difficult catheterization. When required, cut-down procedures 
should be preformed in conjunction with a local or general anesthetic. Lidocaine diluted down to a 1% 
solution with sterile saline can be used for local infiltration. Although toxic doses have not been 
determined in reptiles it is probably best to use less than 8-10 mg/kg. The most common sites for 
vascular access and associated technical tips are presented in Table 1. 
 
Intraosseous. Intraosseous catheterization is occasionally used to secure intravascular access in 
dogs, cats, and birds. Intraosseous catheter placement has been described in the green iguana 
(Iguana iguana) and sea turtles 31,70,71. This is a technique best suited for use in lizards and can be is 
performed in most species. One study, examining kidney function in green iguanas (Iguana iguana), 
found similar renal uptake of the radioactive substance whether administered introsseously or 
intravenously 70. This suggests that intraosseous drug administration is a suitable alternative to 
intravenous administration. To this authors knowledge propofol is the only anesthetic drug that has 
been studied for intraosseuos administration but 
many other anesthetic and non-anesthetic drugs have been administered successfully via this route. 
 
Sites for intravascular access in reptiles: 
Squamates (snakes) 
 
1) Coccygeal vein is located on the ventral midline of the tail. The needle should be inserted 
sufficiently caudal to the vent in order to avoid the hemipenes and anal sacs. The vessel is 
entered via a ventral midline approach, the needle is advanced with gentle suction until the 
vein or a vertebral body are contacted. 
2) Jugular vein can be used but requires a skin incision to visualize. An incision is made 4 to 7 
scutes cranial to the heart at the junction of the ventral scutes and lateral body scales. The 
vein is then identified using blunt dissection just medial to the tips of the ribs. 
3) Palatine vein is easily visualized in larger snakes and is located medial to the palatine teeth 
in the roof of the mouth. The technique is greatly facilitated by short term anesthesia but it 
is possible to collect blood from these vessels in awake animals using a mouth speculum 
4) Heart, Use of the heart for venipuncture is not recommended except for emergency 
situations. 
5) Intraosseous, there are to this authors knowledge no intraosseous sites described for drug 
administration in snakes. 
 
Squamates (lizards) 
1) Coccygeal vein is located on the ventral midline of the tail. The needle should be inserted 
sufficiently caudal to the vent in order to avoid the hemipenes. The vessel can be entered 
from either a ventral midline approach or laterally. The ventral approach is simple to 
perform the needle is advanced with gentle suction until the vein or a vertebral body are 
contacted. The lateral technique involves inserting the needle just ventral to the transverse 
process of the vertebral body and walking the needle ventral until the vein is contacted. 
2) Ventral abdominal vein is located on the ventral midline of the abdomen and can be entered 
percutaneuosly or via a small skin incision for direct visualization of the vessel. 
3) Cephalic vein is located on the dorsal surface of the distal foreleg. A skin incision is 
generally required for visualization. 
4) Jugular vein is located on the lateral surface of the neck at about the level of the tympanum 
and may be palpated in some species but is generally difficult to visualize. A small skin 
incision is often required for direct visualization. The jugular veins tend to be located more 
dorsal than those in mammals. There is a large lymphatic sinus close to the vein and 
contamination with this lymph fluid occurs frequently. 
5) Intraosseous techniques have been described for the distal femur, proximal tibia, and 
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proximal humerus (heard 2001). The techniques are similar to those described for other 
small animal patients. 
 
Chelonian (turtles and tortoises) 
1) Dorsal coccygeal vein is located midline dorsal to the coccygeal vertebrae. It is a technique 
requiring minimal restraint. The needle is introduced in a craniad direction at a 45-90 
degree angle from the skin 
2) Dorsal cervical sinus (supravertebral) is located on the dorsolateral aspect of the neck in 
sea turtles. It is located one third the distance from the carapace to the head, cranial to the 
craniad edge of the carapace. The head is directed forward and down and the needle is 
introduced lateral to midline on either side. 
3) Occipital venous sinus has been described in freshwater turtles and is located midline 
below the occipitus. It requires that the head be restrained firmly and in an extended 
ventroflexed (45-90 degree angle from the carapace) position. The needle is then introduced 
midline just caudal to the occipitus and nearly perpendicular to the spine. Lymph 
contamination is a possibility. 
4) Subcarpacal sinus or supravertebral sinus is located under the carapace just caudal to the 
last cervical vertebrae and craniad to the first thoracic vertebrae. This sinus can be 
approached by pressing the head into the shell and palpating for the first thoracic vertebrae 
(incorporated into the carapace). The needle should be directed through the skin just 
caudal to the juncture of the last cervical vertebrae up towards the carapace and first 
thoracic vertebrae. 
5) Jugular veins are located on the lateral sides of the neck at about the level of the tympanum. 
In some species venipuncture of the jugular vein is relatively straightforward and can be 
visualized or a small skin incision can be made to facilitate direct visualization. 
Unfortunately this technique requires the neck to be fully extended and in uncooperative 
animals a short acting anesthetic or tranquilizer may be required. 
6) Intraosseous techniques have been described using the plastron/plastron bridge but like 
other authors (Heard 2001) this author has found most catheters end up in an intracoelomic 
rather than intraosseous position. The technique is described as passing a needle at an 
angle through the bony bridge between the plastron and carapace. 
 
Drug Selection 
Anticholinergics. Atropine and glycopyrrolate should probably not be used to decrease salivation but 
may be indicated if bradycardia develops. Anticholinergics can increase salivary viscosity and may 
predispose the patient to obstructions from highly viscous mucous in airways or small diameter 
endotracheal tubes. Anticholinergic drugs can alter intracardiac shunt fractions in reptiles. This may 
alter a patient’s response to anesthetic drugs, particularly inhaled anesthetics. 
 
Phenothiazines. Phenothiazines such as acepromazine tend to be relatively ineffective sedatives in 
reptiles. Their use requires the administration of large doses that are associated with prolonged 
effects. Acepromazine is not a very useful drug in reptile anesthesia 65,72,73. 
 
Ketamine. Ketamine, a phencyclidine, is not routinely used as a premedication drug in most animals. 
Ketamine is regarded as an anesthetic but at subanesthetic doses ketamine produces analgesic 
effects and can produce profound restraint. At subanesthetic doses, ketamine induces a cataleptic 
state characterized by the presence of uncoordinated voluntary and involuntary muscle movement that 
may appear in response to external stimuli. It is very important to recognize that an animal in this state 
should not be considered to be at a surgical plane of anesthesia. Ketamine is used frequently as a 
component of a premdication protocol to produce restraint in chelonians and other reptiles. Ketamine 
has also been used alone for restraint or the induction of anesthesia in a variety of reptiles 74-76. In 
snakes, ketamine alone produces hypertension, tachycardia, bradypnea and hypoventilation 32,33. 
Similar effects on the heart rate and respiratory rate have been observed in skinks (Tiliqua rugosa and 
Egernia kingii) 37. Since ketamine is also associated with muscle rigidity, it is most often combined with 
a drug that produces muscle relaxation (benzodiazepines, alpha2 agonists). 
 
Telazol. Telazol is a proprietary combination of tiletamine and zolazepam. Tiletamine is a long acting 
phencyclidine similar to ketamine, while zolazepam is a long acting benzodiazepine similar to 
diazepam. Telazol has been used in reptiles with variable results 77-79. In the boa constrictor (species 
not identified) tiletamine-zolazepam (12.5 mg/kg IM) failed to produce surgical anesthesia but 
produced safe immobilization associated with a transient increase in heart rate, and an increase in 
respiratory rate that is not associated with changes in minute ventilation, systolic blood pressure or 
arterial oxygen saturation 36. The combination of tiletamine and zolazepam is a less desirable 
combination than ketamine and midazolam because of the longer duration of action of the 
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tiletamine/zolazepam that can cause more prolonged recoveries. Telazol is occasionally used in very 
large reptiles to reduce the injected volume; however, prolonged recoveries are likely to be observed. 
 
Benzodiazepines. Midazolam is a water-soluble benzodiazepine and can be administered both 
intramuscular and intravenously. Diazepam is not recommended for intramuscular use as it is very 
poorly absorbed via this route of administration. Midazolam (2 mg/kg) is used in combination with 
ketamine (20-40 mg/kg IM) to facilitate handling and to induce anesthesia in chelonians 80. Midazolam 
(1.5 mg/kg IM) has also been used alone in freshwater turtles (Trachemys scripta elegans) with some 
success 81 but fails to provide significant sedation when used alone in snapping turtles (Chelydra 
serpentina, 2.0 mg/kg IM) 80 and painted turtles (Chrysemys picta, 2.0 mg/kg IM) 82. 
 
Alpha-2 agonists. The alpha2 agonists produce analgesia, sedation and muscle relaxation in 
mammals. In some reptiles, it appears to produce desirable levels of sedation and muscle relaxation 
while in others little to no effect is observed. The analgesic effects of alpha-2 agonists have not been 
evaluated in reptiles but clinical impressions suggest an analgesic effect as well. Xylazine (2 mg/kg 
IM), in combination with ketamine (60 mg/kg IM), produced a variable level of light anesthesia suitable 
for minor procedures only in red-eared sliders (Trachemy scripta elegans) 83. More recent reports 
describe the use of medetomdine rather than xylazine. Medetomidine has a higher alpha2:alpha1 

binding ratio than xylazine. Medetomidine (150 μg/kg IM) is an effective sedative in desert tortoises 
(Gopherus agassizii) 84. Medetomidine in combination with ketamine produces anesthesia of a 
sufficient depth to allow endotracheal intubation in several species of tortoises 85,86, red-eared slider 
turtles (Trachemys scripta elegans) 87, and loggerhead sea turtles (Caretta caretta) 68. The 
administration of medetomidine to several mammalian species is known to be associated with marked 
cardiovascular side effects that include arrhythmias, a decrease in cardiac output, and an increase in 
systemic vascular resistance. It appears that some of these changes may also occur in reptiles. 
Medetomidine induces a significant decrease in heart rate, respiratory rate and systolic, 
diastolic and mean ventricular pressures, and a decrease in ventricular partial pressure of oxygen in 
desert tortoises (Gopherus agassizii) 84. Medetomidine, in combination with ketamine, produces a 
moderate increase in arterial pressure, and moderate hypercapnia and hypoxemia in desert tortoises 
(Gopherus agassizii) 85. One advantage of using alpha2 agonists is that they are reversible, a property 
that can be of benefit when faced with prolonged recoveries. Following the administration of 
atipamezole, animals appear normal within 30-60 minutes. Atipamezole (500 μg/kg IV) produces 
marked arterial hypotension 85 but intramuscular administration does not appear to produce significant 
alterations in ventricular pressures 84. Thus, intramuscular, rather than intravenous, is the 
recommended route of administration of atipamezole. 
 
Opioids. Opioids are very poor sedatives in reptiles 65. Although they are commonly used in the 
perianesthetic period to provide analgesia 88, there are few studies evaluating the use of opioids for 
pain and analgesia. Regardless, it is strongly recommended that an analgesic be administered prior to 
any procedure that may be associated with significant tissue damage. 
 
III. Induction 
Ketamine. Both ketamine and tiletamine can be used alone to induce light anesthesia or a level of 
restraint adequate for endotracheal intubation. It is questionable whether satisfactory surgical 
anesthesia can be achieved using ketamine or telazol alone in reptiles 78 37 36 74,75. Many reptiles 
maintain reflex movement even when using very high doses of ketamine and tiletamine. In order to 
achieve a level of anesthesia appropriate for surgery, ketamine should be administered in combination 
with a drug that produces muscle relaxation (midazolam or medetomidine). In iguanas, tiletamine (10 
mg/kg IM) was used as the sole drug for the induction and maintenance of short-term anesthesia. The 
mean induction time was 6.5 minutes and a level of anesthesia sufficient to allow endotracheal 
intubation was produced 89. However, recoveries may be protracted. Telazol (33-44 mg/kg) produced 
surgical anesthesia in green iguanas (Iguana iguana) but anesthesia persisted for 12 hours or more 78. 
 
 
Propofol. Propofol is an alkylphenol, structurally different from other anesthetics such as barbiturates, 
eugenols or steroids. It is prepared in an intralipid solution intended for intravenous use. In mammals, 
propofol produces a rapid and smooth induction of anesthesia with a very predictable duration of 
action. The elimination of propofol involves non-hepatic sites, most likely the lung. Propofol (3-10 
mg/kg IV) is the induction drug of choice when intravenous access is available. It is a reliable means of 
inducing anesthesia without unnecessarily prolonging recovery time. In mammals, the administration 
of propofol is commonly associated with apnea and hypotension. The intraosseous administration of 
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propofol (5 and 10 mg/kg) has been evaluated in the green iguana (Iguana iguana). In this species, 
the administration of propofol is associated with a prolonged period of apnea 31. 
 
Inhaled Anesthetics. Inhaled anesthetics can be used for the induction of anesthesia. The least 
soluble of the inhalant anesthetics, sevoflurane, desflurane or isoflurane, are preferred because the 
solubility of an inhaled anesthetic is inversely related to the times for both induction of, and recovery 
from, anesthesia. In some reptiles, induction of anesthesia with an inhaled anesthetic can be very 
prolonged because of breath holding. Mask induction of chelonians can be very difficult because of 
breath holding and limited access to the head. The induction of anesthesia using inhaled anesthetics 
is generally easier in snakes and lizards but prolonged periods of breath holding may occur in these 
species as well. In some species, respirations can sometimes be stimulated by stroking the animals 
lateral thorax. The average induction time for green iguanas (Iguana iguana) using isoflurane in 100% 
oxygen administered by face mask is approximately 20 minutes. The prior administration of 
butorphanol does not effect the duration of induction 90. In Dumeril’s monitors (Varanus dumerili), 
induction times with sevoflurane (11.20 ± 3.77 min) are significantly faster than the inductions times 
using isoflurane (13.00 ± 4.55 min) 62. The addition of nitrous oxide (34% oxygen; 66% nitrous oxide) 
to the carrier gas significantly reduces the time to induction of anesthesia with sevoflurane 62. In 
addition to mask induction with an inhaled anesthetic, many reptiles can be tracheally intubated while 
awake and then manually ventilated to induce anesthesia. This technique can reduce the time for 
induction of anesthesia but it may be associated with higher levels of stress. The use of 
premedications and topical administration of local anesthetic to the glottis may help reduce this stress. 
 
Muscle Relaxants. Both depolarizing (succinylcholine) and nondepolarizing muscle relaxants 
(atracurium and rocuronium) are used in reptiles 79,91-94 95. Muscle relaxants act by competitive 
inhibition of acetylcholine at the neuromuscular junction, leading to paralysis. They are used primarily 
to facilitate immobilization and tracheal intubation of crocodilians 79,91-93 but are also occasionally used 
in chelonians 95. Muscle relaxants are not anesthetics and have no analgesic or amnesic properties. 
The routine use of muscle relaxants for immobilization of reptiles should be avoided. Their use may be 
indicated (but always in combination with analgesic and amnestic drugs) for managing very dangerous 
and aggressive species or in field situations when a very rapid immobilization is required to limit the 
potential for animal injury. 
 
Endotracheal intubation. Intubation is easily accomplished in most reptiles. In most reptiles the 
glottis is in a relatively rostral position in the mouth at the base of the tongue. The glottis is easily 
visualized and intubation is accomplished via direct visualization. A small drop of lidocaine (diluted to 
1%) can be used to desensitize the glottis and may facilitate tracheal intubation. In some aquatic 
reptiles anatomical modifications of glottal folds may obscure direct visualization of the glottis. The 
animal should be intubated with the largest diameter tube that can easily be placed. The mucous of 
reptiles tends to be very viscous 
and mucoid plugs can form in endotracheal tubes during longer procedures. Attention to this possibility 
is important and can be recognized as an inability of the lungs to fully deflate during expiration. The 
trachea of chelonians bifurcates quite rostrally and endobronchial intubation is possible. The tracheal 
rings in chelonians and crocodiles are complete and in most reptiles cuffed endotracheal tubes are 
avoided to prevent accidental over inflation and damage to the tracheal structures. 
 
IV. Maintenance of Anesthesia. 
Inhalant anesthesia is commonly used for maintenance of anesthesia in reptiles. The physical 
properties of the newer inhaled anesthetics afford minimal uptake and metabolism and predictable 
recovery. The administration of inhalant anesthetics is normally carried out with oxygen as the carrier 
gas and can reduce the risk of hypoxia, despite the observation that reptiles are more tolerant of 
periods of hypoxemia than mammals or birds 96. Methoxyflurane and halothane are no longer readily 
available and are not inhalant anesthetics recommended for reptiles. Isoflurane, sevoflurane and 
desflurane are more appropriate choices. Isoflurane, sevoflurane, desflurane have all been evaluated 
in reptiles 35,39,62,90,97-102. The MAC of sevoflurane in Dumeril’s monitor (Varanus dumerili) has recently 
been found to be 2.51 ± 0.5%, this is similar to values in mammals (2.1-2.3%) 99. The range of MAC 
values for isoflurane reported for reptiles (1.54% to 3.14%) is 
more variable than that reported for mammals and birds. This may simply be a reflection of the 
techniques used for MAC determination, the body temperature of the patient, or actual species 
differences. Using comparable techniques, the MAC of isoflurane in the green iguana (Iguana iguana) 
(2.1 ± 0.6%) and Dumeril’s monitor (Varanus dumerili) (1.54 ± 0.17%) were found to be significantly 
different 90,98. There is also greater variability in MAC values in green iguanas than those observed in 
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Dumeril’s monitors. The pronounced right to left intracardiac shunting in snakes, turtles and non-
varanid lizards may account for some of these differences. In many aquatic reptiles that are capable of 
long periods of dive-induced breath holding, significant right-to-left shunting produces end-tidal 
anesthetic concentrations of inhaled anesthetics that may not be entirely reflective of those in the 
blood and hence the brain. Concentrations in the lung may substantially overestimate levels in the 
brain leading to erroneously elevated MAC when using traditional 
methods of MAC determination. That many reptiles either fail to become adequately anesthetized or 
induce to anesthesia very slowly with an inhaled anesthetic likely reflects the impact of significant 
right-to-left intracardiac shunting on the uptake of an inhaled anesthetic. A right-to-left intracardiac 
shunt results in a reduction of the volume of blood that is exposed to the inhalant at the gas exchange 
interface. In contrast, it is not uncommon to observe deep anesthesia in reptiles, even after very few 
breaths. This may be the result of the accumulation of inhaled anesthetic in the sac like structure of 
reptilian lungs and the breathing patterns observed in most reptiles. 
Many reptiles are episodic breathers that take several breaths that are followed by a prolonged 
inspiratory pause. Such ventilation patterns are energetically efficient and may have developed to best 
meet the low metabolic oxygen demand of reptiles. This ventilation pattern, in association with the sac 
like structure of the reptilian lung, affords continual access to oxygen without unnecessary energy 
expenditure. As a consequence, the lung may function as a reservoir of inhaled anesthetic that is 
available to the patient during breath holding. Thus the extent of right-to-left cardiac shunting may 
have more of an impact on the speed of induction of anesthesia using an inhaled anesthetic than does 
ventilation rate. Dose dependent cardiovascular depression occurs during isoflurane anesthesia of the 
green iguana (Iguana iguana) 39. Both blood pressure and heart rate decrease in a dose dependent 
manner. It is likely that similar cardiovascular depression occurs in other reptiles. However, the effects 
on heart rate are likely to be more variable. Ventricular blood pressures and heart rates in desert 
tortoises (Gopherus agassizii) do not change with increasing doses of sevoflurane anesthesia 35. 
Interestingly, the dose of isoflurane required to induce cardiovascular arrest in healthy green iguanas 
is much greater than the maximum percent delivered by most commercial isoflurane vaporizers (5%) 
97. Even at levels 4 times greater than MAC (2.1%), isoflurane failed to induce cardiovascular arrest, 
suggesting a wide safety margin for this anesthetic when used in the healthy green iguana. 
Standard inhalant equipment used in small animal anesthesia is suitable for administering inhalant 
anesthetics to most reptiles. An anesthetic machine equipped with a flowmeter, precision vaporizer 
and either a non-rebreathing circuit or a circle system is often used. In very small patients weighing 
less than 1 kg, a non-rebreathing or a pediatric circle system is preferred. The dead space associated 
with a standard adult circle system may lead to substantial rebreathing of expired gases. However, in 
reptiles it has been shown that adding carbon dioxide to the inhaled gases may actually improve 
ventilation during inhalant anesthesia 34,103. Oxygen flow rates should meet or exceed the oxygen 
consumption of the patient. The flow rates used for standard small animal patients are suitable for 
most reptiles: 50 to 100 mL/kg/min when using a re-breathing system and 200 to 300 mL/kg/min when 
using a non-rebreathing system (Bain, Ayres TPiece). For some vaporizers, the lower limit of oxygen 
flow rate required to maintain vaporizer accuracy is about 200 mL/min. This should be the lower limit 
regardless of patient size. Ventilators are very useful when anesthetizing reptiles since most, if not all, 
become apneic during general anesthesia. Most commercial ventilators are not well adapted to 
delivering the small tidal volumes required by many reptiles. It is important to recognize that, in 
addition to the ventilator-delivered tidal volume, the fresh gas flow rate contributes to the delivered 
tidal volume during inspiration. This is most significant in very small animals when high oxygen flow 
rates are used. Ventilators designed for small mammals are particularly useful when ventilating small 
reptiles. 
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Dosages of commonly used anesthetic drugs -Chelonians 
 
Glycopyrrolate IV, IM,SC: 0.01-0.04 mg/kg*  :May increase viscosity of secretions increasing risk of 
obstruction 73 
Atropine IM,IP 0.04 mg/kg*:  May increase viscosity of secretions increasing risk of obstruction 104 
Acepromazine IM 0.1-0.5 mg/kg*: Minimal effect 105 
Medetomidine IM, IV 50-100 μg/kg (tortoises), 150-300 μg/kg (aquatic turtles): Variable sedation when used 
alone, best combined with ketamine 68,84-87 
Xylazine IM 2 mg/kg: Did not improve anesthesia over ketamine alone in red-eared sliders (Trachemys 
scripta elegans) 83 
Atipamezole IM, IV 500 μg/kg: May be best to administer IM 84-86 
Midazolam IM 1.5-2.0 mg/kg : May be unreliable on its own, can facilitate handling, mask 
inductions and may improve the overall quality of anesthesia, best in combination with ketamine 80-82 
Ketamine IM, IV 5-20mg/kg (in combination): Best combined with alpha-2 agonistor benzodiazepine, 
Doses up 60 mg/kg have been used. 68,80,83,85-87 
Tiletamine/zolazepam IM 3.5-10 mg/kg :Prolonged recoveries likely 77,78 
Propofol* IV, IO 3-5 mg/kg Predictable effects and recovery, first choice for induction of 
Anesthesia 65 
Isoflurane* Inhaled 2-3% on vaporizer: MAC not determined 65 
Sevoflurane Inhaled 4-5% on vaporizer MAC not determined 65 
 
* Doses not determined experimentally, extrapolated or anecdotal 
 
Dosages of commonly used anesthetic drugs - Lizards and snakes 
Glycopyrrolate IV, IM,SC 0.01-0.04 mg/kg* :May increase viscosity ofsecretions increasing risk of 
Obstruction 73 
Atropine IM,IP 0.04 mg/kg* : May increase viscosity of secretions increasing risk of obstruction 104 
Acepromazine IM 0.1-0.5 mg/kg* :Minimal effect 105 
Medetomidine IM,IV,IO 150 μg/kg* : Not commonly used 65 
Midazolam IM 0.5-2.0 mg/kg*: Minimal sedation 72 
Ketamine IM, IV,IO 22-88 mg/kg (alone)10-15 mg/kg(combined with 
medetomidine): Best used in combination with medetomidine 74,75,76,33,32,37 
Tiletamine/zolazepam IM, IV, IO 3-6 mg/kg Prolonged recoveries likely, even at high doses animals may 
remain responsive 77,78,36,79,89 
Propofol IV, IO 5-10 mg/kg : Predictable effects and recovery, first choice for induction of 
Anesthesia 31 
Isoflurane Inhaled 2-3% on vaporizer MAC 1.5-2.1% 90,98,100,102 
Sevoflurane Inhaled 4-5% on vaporizer MAC 2.5-3.1% 99,102 
Desflurane Inhaled 9-10% on vaporizer MAC 8.9% 102 
 
IO for lizards only 
* Doses not determined experimentally, extrapolated or anecdotal 
 
 
V. Monitoring and Perianesthetic Support 
The goal of anesthesia is to achieve and maintain a reasonable surgical plane of anesthesia while 
preventing anesthetic overdose. Safety during anesthesia is prevented by titration of the inhaled 
anesthetic in response to an individual animal’s requirements. The necessity for such adjustments are 
determined by careful patient monitoring. Comprehensive monitoring includes assessment of several 
reflexes and a determination of the response of the cardiopulmonary system to anesthesia. 
 
Reflexes 
In 1957 Kaplan and Taylor 106 published a study involving the use of ether, nembutal (sodium 
pentobarbital) 
and urethane in adult turtles (Pseudemys spp). They recorded heart rates and rectal temperatures, 
and observed the degree of muscle tone, voluntary movements, pupillary diameter, and presence or 
loss of the corneal reflex in order to assess depth of anesthesia. They defined deep or surgical 
anesthesia as a plane of anesthesia associated with muscular relaxation, absence of response to 
painful stimuli, and loss of movement. Kaplan and Taylor were pioneers in this area; anesthetic depth 
in reptiles is still determined using some of the same qualitative parameters they defined. Interestingly, 
when reptiles are induced with inhalant anesthetics muscle relaxation frequently begins at midbody 
and moves cranially, then caudally. Tail tone is lost last. This has been demonstrated in lizards using 
halothane and sevoflurane 34 62 and in turtles using ether 107. These features can be used when 
assessing depth during induction and recovery. 
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Cardiovascular 
Direct auscultation of cardiac function is a simple method of assessing heart rate and rhythm. External 
auscultation is best preformed using a stethoscope with a small pediatric bell but this technique can be 
difficult due to interference from scales or the carapace and plastron in chelonians. A dampened 
gauze placed between the chest wall and the stethoscope bell can reduce interfering noise from 
scales. In anesthetized animals a small esophageal stethoscope works very well for direct auscultation 
of the heart. The stethoscope tubing should be advanced in increments until the point where maximal 
sound intensity is reached. It is not uncommon for some reptiles to have heart rates of 20 beats per 
minute or less. If the esophageal stethoscope is not advanced slowly it is easy to bypass the heart and 
place the stethoscope in the stomach. This may predispose the animal to regurgitation. 
An excellent alternative to direct auscultation is the use of an ultrasonic Doppler device that detects 
blood flow in major vessels and the heart itself. There are a variety of probes; adult and pediatric flat 
probes and pencil probes. These probes are most easily placed over the heart and held in place with 
tape. Alternatively, the carotid, coccygeal or femoral arteries may be used as the sites for probe 
placement. In chelonians, the shell generally precludes use of the heart. Pediatric probes have greater 
sensitivity in detecting flow in small vessels and are preferred for use in reptiles. In addition to 
providing an audible signal of blood flow through the vessels over which the probe is placed, the 
Doppler unit can also be used to assess blood pressure in a manner similar to that used during the 
anesthesia of non-reptilians. A small, inflatable cuff is placed around the limb or tail proximal to the 
probe. Blood pressure values obtained using this technique in reptiles have not been compared to 
direct arterial measurements; however, the technique is still useful for assessing changing trends in 
blood pressure. The electrocardiogram (ECG) can be used to monitor the electrical activity of the heart 
in reptiles. At the very least, the ECG and provides an assessment of heart rate and rhythm. Electrical 
activity can continue in the heart despite loss of muscular activity, a condition known as pulseless 
electrical activity (PEA) or electromechanical dissociation (EMD). Thus, it is best not to rely solely on 
an ECG for evaluation of cardiovascular function. The morphology of the reptilian ECG is similar to 
that of mammals with the addition of an SV wave proceeding the P wave 43. While the ECG leads on 
reptiles are positioned similar to the standard 3 lead configuration in mammals, some modification in 
lead placement will improve signal strength and ECG quality. In lizards, the right and left forelimb 
leads are placed in the cervical region since the heart is located in the pectoral girdle 108. In snakes, 
the active leads are placed two heart-lengths cranial and caudal to the heart 108. The heart in snakes is 
located 20-25% of the entire body length from the head and can often be identified by direct 
visualization of ventral scale movement caused by cardiac activity. In chelonians, the forelimb leads 
are placed on the skin between the neck and the forelimbs 108. Stainless steel suture loops or needles 
can be placed through the skin and attached to the leads can improve signal strength. 
 
Respiratory 
Direct visualization of respiratory movements can be extremely difficult in many reptiles, particularly 
chelonians and very small species. Additionally, chest and body wall excursions, bag movement and 
fogging of the endotracheal tube can be misleading and may not always represent adequate 
ventilation. Because most reptiles require intermittent positive pressure ventilation the utility of 
monitoring spontaneous respiration is reduced. Reptiles rarely breathe well when anesthetized 
31,65,104,109, making mechanical ventilation appropriate in most cases. Current recommendations for 
ventilatory support include rates of 2-6 breaths per minutes using tidal volumes ranging from 15-30 
ml/kg with peak airway pressures less than 10 cmH2O. Manual IPPV is commonly performed but 
several small animal specific ventilators are now 
available. Pulse oximetry is a non-invasive method used to assess functional hemoglobin saturation 
(SpO2). Under normal circumstances this value correlates closely with arterial hemoglobin saturation 
(SaO2). Although pulse oximetry is used frequently during reptile anesthesia, the results should be 
interpreted with caution. Pulse oximetry was specifically developed for use in humans, using the 
oxygen binding characteristics of mammalian hemoglobin to guide the development of the technology. 
A reflectance probe for pulse oximetry is most commonly placed in either the esophagus or cloaca. 
The heart rate reported by the pulse oximeter should correlate with the heart rate determined using 
direct methods (auscultation). The efficacy of this technology has only been assessed in a single 
reptilian species the green iguana (Iguana iguana). In this 
species, values obtained during pulse oximetry with an esophageal reflectance probe placed in the 
esophagus (SpO2) correlate closely with arterial hemoglobin saturation (SaO2) of blood taken from the 
abdominal aorta 61. Other investigators have not been able to establish such a relationship between 
arterial hemoglobin saturation and hemoglobin saturations determined using pulse oximetry 39. 
Capnometry measures the amount of carbon dioxide in the expired gas during the ventilatory cycle. 
Endtidal refers to the fact that the quantitative measurement derived during capnometry refers to the 
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concentration of carbon dioxide in the last portion of the expired volume, the end-tidal volume. This 
gas most accurately reflects the gas contained in the gas exchange portions of the lung, rather than 
the gas in the conducting airways. End-tidal carbon dioxide (ETCO2) concentrations are generally 
reflective of the carbon dioxide concentrations in arterial blood although the level of carbon dioxide is 
generally lower due to the dilution of the expired carbon dioxide by non-carbon dioxide containing 
gases in the conducting airways. Much more information can be obtained from a capnogram, a 
graphic representation of the ETCO2 concentrations over the entire respiratory cycle. While 
capnography is a useful monitoring tool in mammals with normal lungs, the utility of capnography in 
monitoring respiratory function in reptiles has not been established. The presence of right-to-left 
intracardiac shunts and deadspace ventilation associated with the unique structure of many reptilian 
lungs makes information gathered using this monitoring modality difficult to interpret. 
Blood gas analysis in reptiles is subject to significant over-interpretation and misinterpretation. 
Numerous factors such as site of sampling, arterial versus venous blood, species, inspired oxygen 
concentration, thermoregulatory status and the ventilatory status of the patient (spontaneous versus 
controlled) will all affect interpretation of blood gas values. Reptiles tend to be much more tolerant to 
alterations in pH, PCO2 and PO2 than mammals and thus normal values for mammals may not be 
applicable to reptiles. This said, in general, normal pH in reptiles tends to be similar to mammals, 
provided comparisons are made at identical temperatures. Most reptiles have body temperatures 
below that of most mammals and consequently their normal pH values tends to be higher. PCO2 and 
PO2 tend to be lower in reptiles when compared to the same values in mammals. PO2 values are lower 
as a result of intracardiac shunting but also as a result of intrapulmonary shunting, ventilation-
perfusion mismatching and there is some evidence that in some reptiles there may also be impairment 
to diffusion of oxygen from the lung into the blood 42. Given our current state of knowledge, it is difficult 
to critically evaluate blood gas analysis in reptiles. 
 
Fluid Therapy 
Fluids should be administered prior to anesthesia if clinically significant dehydration is noted. Fluids 
are best administered intravenously or intraosseously but they can also be given intraperitoneally or 
subcutaneously. Fluid movement, distribution, and homeostasis in reptiles differs significantly from 
mammals. Reptiles tend to have a greater proportion of total body water in the intracellular space (45-
58%) 110. For this reason, some have suggested using hypotonic replacement solutions. However, it is 
not clear that this is of benefit to the animal unless the dehydration is associated with pure water loss. 
It is probably best to use a standard balanced electrolyte solution. Some reptiles are capable of 
tolerating extreme alterations in total body water and plasma osmolarity when water resources are 
scarce. The significance of such an adaptation for fluid therapy is not clear. Each patient should be 
carefully assessed and the fluid therapy plan should be tailored to meet the needs of the individual 
patient. 
 
Thermoregulation 
Reptiles are exothermic animals that derive nearly all their body heat from the external environment. 
Thermoregulation in reptiles is a complex interaction between the animal’s internal environment and 
the external environment. Body temperature is regulated primarily through complex behavior patterns 
and alterations in the cardiovascular system. Most reptiles have a preferred body temperature (PBT) 
range that is associated with optimal metabolic function. It is probably best to maintain animals in 
hospital care at the upper end of the PBT for that species. This is easily accomplished using 
circulating warm water blankets, warm water bottles, and warm forced air. Body temperatures below 
the PBT for the individual animal may be associated with prolonged drug effects and may impair the 
animal’s immune system and healing 34,36,37. 
 
VI. Recovery & Analgesia 
Reptiles should be monitored throughout the recovery period. Since recovery from anesthesia in 
reptiles can be prolonged, inhaled anesthetics are often discontinued 15-20 minutes prior to 
completion of the 
procedure. Delayed recoveries seem to be more common in less aerobic reptiles which may be the 
result of significant right-to-left shunting and low cardiac output that lead to a protracted elimination of 
the inhalant from the body. Body temperature is also very important for facilitating recovery and 
optimal body temperature should be maintained throughout the recovery period. Consideration for the 
post-operative analgesic needs of the animal should be made based on clinical signs and the 
anticipated degree of tissue damage associated with the procedure. Reducing the oxygen 
concentration by allowing the animal to breath room air may help hasten recovery 61. 
The analgesic management of reptiles can be challenging due to their unique physiological, 
anatomical and behavioural adaptations. Although reptile pain and nociception have not been 
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extensively studied there is very strong evidence that reptiles are capable of nociception. The 
neuroanatomic components necessary for nociception have been described in 111,112. In addition, 
endogenous antinociceptive mechanisms 112,113 and a demonstrable modulation of nociception with 
pharmacological agents known to be analgesics in other species have been demonstrated 114-118. In 
lizards (Gekko gecko), spinal projections originating in the brainstem region (nucleus raphes inferior) 
that project to the superficial layers of the dorsal horn have been identified and these structures 
suggest the presence of tracts, similar to those found in mammals, that mediate descending inhibition 
of nociception 117. Neurotransmitters that are important in nociceptive modulation in mammals have 
been identified in reptiles 119. While endogenous opioids and opioid receptors involved in reproduction 
and thermoregulation have been identified in reptiles, there is little known about the role of opioids in 
nociception 119-122. This information suggests that, at least at the physiological level reptiles are 
capable of responding to noxious stimuli in a manner similar to mammals, capable of nociception. The 
question of whether reptiles can “feel” pain or what significance pain or nociception have on 
physiological homeostasis is a far more complex question to answer. Until further evidence is available 
it seems that it would be most ethical to assume reptiles are capable of feeling pain and to treat or 
manage pain when there is reasonable evidence that pain is present. Interestingly, in a recent survey 
of the membership of the Association of Reptile and Amphibian Veterinarians, 98% of the respondents 
indicated their belief that reptiles do feel pain. However, only 39% of respondents in this survey 
reported using analgesics in > 50% or their patients 88. The reasons for failure to use analgesics were 
not specifically addressed in this study. However, some possibilities include a failure to recognize 
painful patients, lack of efficacy data, concern of adverse effects and little of no experimentally 
determined dose and pharmacokinetic information. The benefits of providing adequate analgesia are 
well recognized in mammals. The consequences of untreated pain are consistent with impaired patient 
homeostasis. These alterations can result in negative energy balance, lead to immune system 
compromise, inhibit healing and interfere with normal behavioural process required for health 123,124. 
The benefits of preemptive analgesia have also been demonstrated and can not only reduce 
postoperative pain by decreasing central sensitization but also may also facilitate healing and prevent 
and/or limit the actions of detrimental neurohumoral responses to pain 125,126. In addition, the use of 
analgesics as part of a balanced anesthetic protocol can reduce the doses of other anesthetics. This 
may help reduce the negative cardiopulmonary effects of general anesthesia. Overall it has been 
demonstrated in humans and other mammals that appropriate analgesia is an important part of 
complete medical care in health and disease. 
 
C. ANALGESIC THERAPY IN REPTILES 
As an extremely diverse group of animals, reptiles demonstrate a wide variation in inter- and intra-
species behaviors. This makes the recognition of alterations in normal behavior that may be indicative 
of clinically significant pain and stress particularly difficult. Thus successful treatment of pain in reptiles 
demands an intimate knowledge of normal species-specific behaviors. In the absence of such 
knowledge, the delivery of appropriate analgesic therapy is based on an assessment of the likelihood 
of tissue trauma associated with a particular procedure. This recommendation is not new and was 
suggested by Flecknell in 1984 and Morton in 1986 127,128. There are three primary classes of 
analgesic drugs used in reptiles: local anesthetics, non-steroidal antiinflammatory 
drugs (NSAID’s) and opioids. Local anesthetics provide complete anesthesia by interrupting 
nociception from the level of the nociceptor to the spinal cord. NSAID’s act by modulating nociception 
in both the periphery the spinal cord. Opioids act by modulating nociception in the periphery, the spinal 
cord and supraspinal areas of the central nervous system. Since reptiles have a more primitive central 
nervous system, the central actions of analgesics medications, particularly opioids, may not be as 
predictable as the more peripherally-acting drugs. However, it is well documented that reptiles have 
opioid receptors in the central nervous system 119,120 and that the proopiomelanocortin system (one of 
the 3 molecular systems from which all naturally occurring opioids are derived) is well preserved 
among vertebrates 129,130. The unknown actions of opioids and NSAID’s in the central nervous system 
of reptiles may result in unpredictable variations in the duration, potency and side-effects of these 
drugs when the doses are determined by extrapolation from mammalian doses. Despite the 
unpredictable central effects of NSAID’s and opioids, their administration may offer the advantage of 
an increased duration of effect compared to that associated with the administration of local 
anesthetics. There are very few investigations that describe the assessment of analgesics in reptiles. 
The cardiopulmonary effects of several opioids have been studied in indigo snakes (Drymarchon 
corais couperi), bullsnakes (Pituophis catenifer sayi) and immature caiman (Caiman crocodilus) 131. In 
general, the administration of a variety of opioids to these species is not associated with significant 
changes in physiological parameters (heart rate, respiratory rate) or behavior (sedation or excitement). 
Morphine (0.05- 1.0 mg/kg IP) and meperidine (2-4 mg/kg IP) both induce statistically significant 
increases in response to a hot-plate test in crocodiles (Crocodylus niloticus africana) 115,116. A dose-
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dependent response is observed with both of these opioids. A ceiling for effect is observed following 
the administration of 0.3 mg/kg of morphine or 2 mg/kg of meperidine.In this species. The latency of 
onset of action is approximately 30 minutes and the duration of effect is 2 – 2.5 hours. The hot-plate 
test assesses thermal nociception which may not accurately reflect nociception associated with other 
stimulus modalities 132. See Table 5 for recommended doses of drugs that may be useful as 
analgesics in reptiles. 
 
Clinical Approaches to Analgesia in reptiles 
Assessing Pain in Reptiles 
Assessing pain in non-verbal species, including human infants, is an extremely challenging endeavor. 
Pain is defined as a sensory or emotional experience. Adult humans can express their individual level 
and significance of pain. In non-verbal humans and animals behavioral assessment tends to be the 
best indicator of pain 133-135. However, with over 8000 different reptile species identified that exhibit a 
wide range of unique physiological and behavior adaptations it is exceedingly difficult to assess 
behavior changes in these animals. This makes the identification of behavioural alterations that may 
be associated with pain particularly difficult. Recognition of abnormal behavior in reptiles requires 
careful, often time consuming observation and changes may be very subtle. An approach similar to 
pain assessment in other veterinary species can be adapted for use in reptiles (please see Table 4). If 
possible, it is probably best to observe reptiles remotely (using a remote camera) as there is evidence 
that reptiles may suppress some pain behaviours when the an observer is present 136. This may be a 
protective response similar to that seen in some reptiles subjected to brief physical restraint 114 and is 
likely a normal protective behavioural response to a perceived threat, similar to that found in many 
other vertebrate species 137. In a survey of reptile veterinarians it was found that the anticipated level 
of pain extrapolated from other species (76%), behavioural changes (66%), anticipated level of pain 
based on prior experience in reptiles (57%) and physiological changes (32%) were commonly used to 
evaluate pain in reptiles 88. 
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An approach to pain assessment in reptiles 
A. BEHAVIOUR 
Species considerations 
Requires proper species identification and familiarity with species-specific behaviours. Basic species 
differences will impact behavioral patterns and these will be important when attempting to differentiate 
normal from abnormal behaviours. 
• Predominant activity pattern (diurnal, nocturnal) 
• Predated or predator species 
• Habitat (arboreal, aquatic, terrestrial, fossorial) 
Individual patient considerations 
• Stage of ecdysis 
o Some may become more aggressive during this time 
• Hibernation status 
o Hibernating animals or those inclined to hibernate may be more docile and less responsive 
than normal 
• Socialization 
o Altered response to human interaction (normally docile animal to biting), poor response to 
caregiver 
• Concurrent illness 
o Patient may be incapable of exhibiting behaviours associated with pain or behaviours 
associated with disease may be mistaken for pain behaviours 
• Owner assessment 
o Owners are often more familiar with their animals normal behaviour however owners may 
also be biased based on their own understanding and belief regarding their animals 
conditions 
Environmental considerations 
• Enclosure 
o Home enclosures often more “interesting”, compared to hospital enclosures, providing 
animal with plenty of opportunity to exhibit normal behaviours 
• Preferred optimal body temperature observer 
o Ambient environmental temperature is one of the main determinants of metabolic rate in 
resting reptiles and consequently normal behaviour may influenced by alterations in 
metabolic rate 
Locomotor activity 
• Posture 
o Hunched, guarding of affected body area, not resting in normal posture 
• Gait 
o Must differentiate neurological and mechanical dysfunction from pain induced lameness 
• Other 
o Excessive scratching or flicking foot tail or affected area 
o Unwillingness to perform normal movements (look up, step up, thrash with tail) 
o Exaggerated flight response 
Miscellaneous 
• Appetite 
o Reduced appetite may be related to underlying disease but may also be related to pain. 
• Eyes 
o May be held closed when painful or ill 
• Colour change 
o Species capable of colour change may do so in response to stress and/or pain 
• Abnormal respiratory movements 
o May be associated with primary respiratory disease but also pain affecting the muscles and 
tissues involved in respiration. 
 
B. ANTICIPATED LEVEL OF PAIN 
The anticipated level of pain is commonly used to evaluate pain in reptiles and is based on the likelihood 
and severity of tissue trauma associated with a particular procedure or condition. This is a well-accepted 
approach in veterinary medicine, particularly when dealing with less familiar species 127,128. However in 
addition to significant species differences, significant individual differences in response to therapy and 
response to tissue trauma can be seen. 
 
C. PHYSIOLOGICAL DATA 
Most physiological parameters have been shown to be relatively poor indicators of pain in most species. 
Physiological parameters can be influenced by disease and excitement. In addition, the physiological 
parameters of reptiles may be influenced by a number of metabolic processes such as activity level, 
temperature alterations and feeding. 
 
D. RESPONSE TO PALPATION 
In some species a negative response to palpation can be a useful indicator of pain. However, in reptiles 
this may be less sensitive as most reptiles will withdraw from touch regardless of whether the animal is 
experiencing pain. 
Analgesic Therapy in Reptiles 
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A carefully designed analgesic plan should not only include the specific analgesic drugs, route of drug 
administration but it should also include steps to monitor patient response to therapy and address the 
provision of ongoing supportive patient care. 
 
Route of Drug Administration 
It is probably important to consider the route of drug administration in reptiles for many reasons 
including 
ease of drug administration, unique anatomical or physiological structures and variability in drug 
bioavailability and uptake among various routes of drug administration. Intramuscular drug 
administration is commonly used in reptiles. Historically, hind limb and tail injection sites have been 
avoided because of concerns related to the first-pass effect associated with passage of any 
administered drug through the kidneys via the renal portal system. However, at least in some species 
this may be more of a theoretical than practical concern as only a small amount of blood from the hind 
limbs and tail pass through the kidney 66,67 whereas in other species a small amount from the hind 
limbs pass through the renal portal system while substantial amounts of blood from the tail pass 
through the renal portal system 138. Regardless it may be best to avoid hind limb and tail administration 
of potentially nephrotoxic drugs or those highly metabolized or excreted by the kidneys. There is some 
recent evidence from the green iguana that the bioavailability of intramuscular ketoprofen may be 
reduced 139. In addition, time to effect may be variable depending upon the absorption rate of the drug 
from the site of deposition. Absorption may be affected by the physiochemical properties of the drug, 
tissue blood flow and cardiac output. Oral drug administration may be more desirable for patients who 
require chronic analgesic therapy, as most will become intolerant of repeated intramuscular injections. 
Oral drug administration can be difficult in some patients, although the use of feeding tubes can 
markedly simplify and facilitate this process. A more important consideration when contemplating oral 
drug administration may be the marked differences in gastrointestinal function among reptile species. 
Many are strict carnivores (snakes) and may fast for days to months between meals, while others are 
primarily herbivores (turtles, tortoises and some lizards) and tend to feed more or less continuously. 
These differences will presumably impact the bioavailability and pharmacokinetics among the different 
reptile species of drugs given orally. However, recently a study in green iguanas found that the 
bioavailability and pharmacokinetics of meloxicam given orally to be essentially the same as 
intravenous drug administration (Hernandez-Divers, personal communication). While intravenous drug 
administration is not always feasible in reptiles, the combination of good technique, practice, 
appropriate patient selection, and skilled physical restraint can facilitate predictable venous access. 
Intravascular injection ensures complete bioavailability of a drug and may avoid the tissue irritation 
associated with some drugs when given intramuscularly. 
 
Drugs 
There are three primary classes of analgesic drugs used in reptiles: local anesthetics, non-steroidal 
anti-inflammatory drugs (NSAID’s) and opioids. 
 
Opioids 
It is well documented that reptiles have opioid receptors in the central nervous system 119,120 and that 
the proopiomelanocortin system (one of the 3 molecular systems from which all naturally occurring 
opioids are derived) is well preserved among vertebrates 129,130. The importance of the different opioid 
receptors in modifying pain perception is far less clear. Opioids are the only class of analgesic drugs 
that have been assessed for clinical analgesic properties in reptiles. However, each study should be 
carefully evaluated for the quality of experimental design and strength of its conclusions. Based on 
recent studies, butorphanol, despite its frequent use 88, does not appear to produce significant 
analgesic effects in some reptiles 90,118 136. However, other studies suggest that butorphanol, at least at 
some doses, may reduce the intensity of motor reactions in response to an electrical stimuli applied to 
the tails of green iguanas 140. In the same study buprenorphine (0.02 and 0.04 mg/kg IM) did not 
significantly alter the motor reaction in response to an lectrical stimuli when compared to saline. There 
is evidence that morphine may be effective as an analgesic in at least some reptile species 
115,116,118,140. It should be noted that time for onset of action appears to be prolonged (2-8 hours) 
following morphine administration and the duration of effect may vary considerably among species 
115,116,118. This may be related to slow receptor binding kinetics or slow absorption from the 
intramuscular or subcutaneous injection site. Opioids appear to be safe for use in reptiles producing 
no discernable alterations in heart rate and behaviour (sedation or excitement) but do cause 
significant respiratory depression in some species 39,118,131. 
 
 
Local anesthetics 
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Local anesthetics act by interrupting transmission of sensory and motor neurons. In reptiles local 
anesthetics are commonly used to facilitate minor surgical interventions but they can also be used as 
analgesics. Recently a technique has been described to block the mandibular nerve in crocodilians 141. 
The limited duration of analgesic effect and accompanying motor paralysis associated with local 
anesthetics limit their use primarily to the immediate peri-operative period or when hospitalized. Local 
anesthetic toxicity can be avoided by careful attention to total dose of local anesthetic administered to 
a patient. It must be kept in mind that many reptile patients are very small and large doses can 
accidentally be administered. In general, the toxic doses of local anesthetics in mammals (dogs) 
should not be exceeded; lidocaine (toxic dose 10-22 mg/kg) and bupivacaine (toxic dose 5 mg/kg) 142. 
Additionally, excessive dilution of local anesthetics may decrease their efficacy. Dilution of 
commercially available concentrations of local anesthetics should probably not exceed 50% on a per 
volume basis. A 1% lidocaine solution is available commercially and may be preferred for use in 
patients at greater risk for local anesthetic toxicity (i.e. small patients). 
 
NSAIDs 
The role of cyclo-oxygenase in the pathophysiology of pain and inflammation of reptiles has not been 
studied. However, reported clinical experience strongly supports the efficacy of NSAID’s in reptiles and 
they continue to be popular. Recent studies examining the pharmacokinetics of meloxicam in the 
green iguana showed excellent bioavailability of this drug given orally (Hernandez-Divers, personal 
communication). There is also some evidence of enterohepatic or possibly urinary resorption of 
meloxicam. The results suggest that plasma levels associated with analgesia are maintained for 24 
hours after a single dose. However it should be noted that plasma levels of NSAID’s do not always 
correspond to their clinical effect and thus it is difficult to recommend effective and safe dosing 
intervals. A pilot examination of the pharmacokinetics of ketoprofen administered intravenously and 
intramuscularly in green iguanas has also been completed and revealed that bioavailability (78%) was 
decreased when administer intramuscularly and terminal half life was greater than comparable studies 
in dogs 139. Again this may suggest dosing intervals in reptiles should be greater compared to 
mammals, this recommendation is routinely followed for other drugs in reptiles, especially those 
associated with significant toxicity. Limited toxicity studies involving meloxicam were not associated 
with any clinically apparent abnormalities nor were there any histopathological lesions 
that could be associated with toxicity present at necropsy. However, mild biochemical and 
haematological abnormalities were noted that could not be clearly explained (Hernandez-Divers, 
personal communication). Thus until further studies in reptiles become available it is probably still best 
to consider the possibility that side effects similar to those seen in mammals (GI irritation, renal 
compromise, platelet inhibition) may occur in reptiles. Therefore hydration status, concurrent 
medications (steroids), presence of coagulopathy, GI disease and renal disease should all be 
addressed prior to administering these drugs. 
 
Other drugs 
Ketamine administered at sub anesthetic doses is being used as an analgesic in many mammalian 
species but its analgesic potential in reptiles has not been studied. Ketamine alone and used at 
anesthetic doses is associated with hypertension, tachycardia, bradypnea and hypoventilation 32,33,37. 
Ketamine may be a useful analgesic adjunct in select cases. The alpha2 agonists produce analgesia, 
sedation and muscle relaxation in mammals. In reptiles it appears to produce desirable levels of 
sedation and muscle relaxation. The analgesic effects of alpha-2 agonists have not been evaluated in 
reptiles but clinical impressions suggest it may be capable of producing an analgesic effect. 
Medetomidine induces cardiopulmonary effects in reptiles similar to those seen in mammals, 
bradycardia, hypertension and a reduction in arterial oxygen partial pressures. 84 85. Other analgesic 
drugs and adjuncts such as tramadol, gabapentin, amantadine, the tricyclic antidepressant and 
various forms of nutraceutical and physical therapy have not been explored in reptiles 
but may have a role to play as our understanding of nociception, pain and analgesic treatments 
increase in reptiles. 
 
 
 
 
 
 
 
 
 
Dosages of drugs with potential analgesic effects in reptiles 
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Butorphanol* IM 1-8 mg/kg :May not be effective as an analgesic in reptiles 90,104,118,140,1 43 
Buprenorphine* IM, IV, SC 0.4-1.0 mg/kg : May not be effective as an analgesic in reptiles 140,144 
Morphine IC, IM 0.05-4.0 mg/kg (crocodiles) 1.5-6.5 mg/kg (turtles) 1.0 mg/kg (green iguanas) :Ceiling 
effect seen at 0.3 mg/kg in Nile crocodiles (Crocodylus niloticus africana) : Duration of action may persist 
for up to 24 hours in turtles 114,116,118,140 
Meperidine IC 1-4 mg/kg: Ceiling effect seen at 2 mg/kg in Nile crocodiles (Crocodylus niloticus africana) 
116 
Ketamine IM, IV, SC 10-100 mg/kg: High doses are associated with anesthesia, Low doses <10 mg/kg 
likely associated with analgesia without sedation 32,33,37,73- 75,143 
Xylazine* IM 1-1.25 mg/kg 144 

Medetomidine IM, IV, IO 50-100 μg/kg (tortoises) 150-300 μg/kg (aquatic), 150 μg/kg (snakes and 
lizards): Lower doses may be effective for analgesia 68,84-87 
Meloxicam IM, IV, PO 0.1-0.2 mg/kg q24-48 h#: Bioavailability and pharmacokinetics for oral and 
intravenous administration in green iguanas (Iguana iguana) 144, (Hernandez- Divers, personal communication) 
Carprofen* IM, IV, SC 2-4 mg/kg followed by 1-2 mg/kg q24-72 h# 73,143 
Ketoprofen IM, SC 2 mg/kg q 24-48 h# 139,143 
Flunixin meglumine* IM 0.1-0.5 mg/kg q 24-48 h# 73 
Lidocaine (2%)* Local infiltration: Toxic dose unknown, recommend < 5 mg/kg: Dilute to 0.5% to increase 
volume 73,143 
Bupivacaine (0.5%)* Local infiltration Toxic dose unknown, recommend < 2 mg/kg: Dilute to 0.25% to 
increase volume 72 
 
* Doses not determined experimentally, extrapolated or anecdotal 
# Repeat dosing pharmacokinetics has not been studied and is based on extrapolation 
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Conclusion 
Reptiles are a very unique and diverse class of animals that have developed distinctive mechanisms, 
not found in most other animals, for managing alterations in body temperature and metabolic rate. An 
approach to pain management based on our current understanding of reptile physiology, nociception, 
pain and analgesia represents a generalized approach to pain management in this class of animals. 
As our knowledge and understanding increases it is likely that our approach to pain management in 
this class of animals will also be modified and refined to more specifically address reptile pain. New 
information should be evaluated objectively and without the influence of personal bias or beliefs. It is 
likely that reptiles have evolved unique mechanisms for managing pain and avoiding the negative 
consequences associated with pain that we do not yet completely understand. 
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